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I. INTRODUCTION

The mouse’s small size, relatively short life span, proficierit

reproductive capabilities, arid susceptibility to microbiological

or eliemical agents make it an appropriate animal model to

irwestigate problems in rriariy di'~.-*erse disciplines, such

as enibryology, ethology, genetics, gerontology, microbiol-

ogy, and oncology. The menses small body size makes it pos-

sible to maintain marry miee efficiently and economically;

however‘, this characteristic makes administration of drugs,

collection of biological specimens, or performance of surgical
procedures a challenge.

The objectives of this chapter are to (1) describe procedures

for restraint, administration of drugs, and collection of biolog-

TERRIE L. CUNLIFFE-BEs\h»’IEIil

‘fl. Anesthetics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 413
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ical specimens or physiological data; (2) outline surgical pro-

cedures and appropriate anesthetic and postoperative care; (3)

discuss advantages and rlisadvaittages of alternative ways to

perforrri the same procedure; and (4) provide references that

contain detailed descriptions of umrsual procedures.

Commonly used procedures and less common procedures for

which tieseriptioris eoulti not be found in the literature are

described in detail. in cases where good descriptioris of un~

usual procedures are available in the literature, the reader will

be referred to the original articles. Before attempting marry of

the procedures described in this chapter, one should review the

anatomy of the area in question and practice the proeeclure on

an anesthetized or dead mouse. Even though laboratory mice
(Mics mrrrcrttzrs o‘ozizesr£cz¢.rj! can be handled or restraineti witi1~

out the administratior: of drugs, one should not stibstitute physw
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18. BIOMETHODOLOGY AND SURGICAL TECHNIQUES

ical restraint for analgesia during procedures that result in more

than momentary pain. ‘

II. HANDLING, IDENTIFICATION, AND

RESTRAINT

A. Handling

Juvenile and adult niiee are caught and picked up hy grasping

the base or middle third of the tail with fingers or smooth

tipped forceps. Aggressive mice often climb their tails. in order

to bite fingers or forceps. Once caught by the taili the mouse

can be restrained for examination or injection by placing it on a

table or cage lid, grasping the loose skin behind the neck and

Fig. 1.

403

ears with thumb and forefingers and holding the tail against the

palm of the hand using the fourth and fifth fingers {Fig 1). if

the mouse can move his head from side to side, fingers may be

bitten; however, by pulling the skin on the neck too tight, the
inouse’s airway is compromised.

Forceps {9—lO~inch smooth dressing forceps} are an excel»

lent way to manipulate wild, aggressive mice. Adult mice are

caught by grasping the cranial third of the tail (Fig. 2)‘ Mice

should be lowered, not dropped, into a cage and released as

soon as their front feet touch the bedding. Pregnant female

mice approaching parturition or very large mice, e.g., homo-

zygous obese (obtoo) or diabetic (zibfrlb) mice, should be han-

dled gently and supported, if necessary, with a hand under

their feet. Young rnice {less than 2 weeks of age) are picked up

by grasping the loose skin over the neck and shoulders witli

forceps or thumb and forefinger, or by scooping the litter into

Restraining a mouse by hand. (A) and ([3) Proper finger placement. (C) Fingers are located over the mouses shoulders, rather than behind neck and
ears. The mouse can turn around and bite. (D) Excessive traction on the‘ skin can c inke the mouse. Note the protmding eyes.
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A B

Fig. 2.

TERRIE L. CUNLIFFE—BEAMER

C

Restraining a mouse using forceps. (A) Proper placement of forcepia. {B} This mouse is too big to pick up over the shoulders. Forceps are gmsping
hair, not skin, and the hair may he plucked out by the weight of the mouse. {C} The tail slides through forceps if they are placed too close to the tip of the tail.

the palm of groin‘ hand. Newborn litters should he returned to a

nest. not scattered throughout the cage, after they have been
handled.

B. Identification

A variety of methods have been devised for permanent, or

temprirary identification of lt‘l(il'v‘l(lLl8l mice. Permanent identi-

fi€:'ation methods include metal ear tags, notches; (Dickie,

19275), toe clipping (Kumar, l9"?9; Dickie. 1975), tail clipping

(Dickie, 19335), tattooing {Schoenhorne at at, l9":"}'; Green-

ham, l9’?8; Avery and Spyker, 1925’), and freeze marking

(Farrell and iohnston, l9’?3l. Duberte {I968} devised a binary

number system of toe clipping and ear notching that permitted

individual identification of over 1,000,000 mice. ‘l‘emporz;u‘y

identification of individual eagemates can be achieved by dye-

ing for of albino or dilute mice with food coloring, clipping or

plucking unique patterns in the for, or marking tails with indel-

ible markers. The first two methods permit identification for

l—2 weeks; ink marks disappear in [M2 days.

C. Restraint

Restraint devices for mice have been made in minty shapes

using a wide variety of materials: lia:‘dwa1'e cloth {Odo and

Mirancla, l9?6; Crispens and Kaliss, 1961), leather {Lawson at

(25,. 1966), plastic tubing (Mylrea and Abb1‘et:ht, 196?),

3{l——50n1l plastic syringes (Lul<asewycz, 1976; Farmer and

Mellett, 1935), metal dose syringe (Jones, 1965), I'2idi{)iSOl()pe

shipping containers {Boutelle and Oper, 196?), scizssor handles

(Liebenberg es’ ai., 1980}, and Plexiglas or metal (Archuleta,

l9'i"?; Billings, 196?; Boggs, l9'?8; Chamgrlin and McGill,

196?; Kaplun and Wolf, l9?2; Keighley, 1966; Mulder, 19??)

(Fig. 3). Most of these devices were designed to facilitate tail

vein injection, collection of bloodt or irradiation. Regardless

of the material, the device should prevent the mouse from

turning around, have adequate air holes for ventilation, and

should be easily cleaned and disinfected.

Wild mice (Per<‘;m_3>sczes sppq M£t.$ c:::i‘oi:', etc.) present spe~

Ciitl challenges for even the most routine animal care pro-

ccc.1ui'es. Forceps are mandatory for handling wild mice. in

addition, one should consider using red light (Fall. 1974),

worldng at odd hour:«; when the animal room is quiet, and

building a high-sitled box or eluzte (Wallace, l968).

III. ADMINISTRATION OF DRUGS OR UTHER

CONIPOUNDS

A. Topical

Topical application of‘ compounds to depilated skin of the

tail, ear, or the body of normal or genetically hairless mice,

e.g., f2rfI2:', izzifrzsi, is an easy procedure. It is more difficult to

prevent the mice from licking the area and ingesting the com-

pound. Various: devices. have been developed for this purpose:

Elizabethan collar (Eiuhcber at 541., 196?‘), Plexiglas box ap»

plied with collodian {l\iixon andiieer, IS-W3), glass tube over‘

|nnoPharma Exhibit 1100.0006

 



13. 8§f);\~I[ETH(,)I}OL(}(}Y ,»\:\ED S{7R{§I{,"/XI, 'i"iiCiE;\‘lQL-‘ES :,f(};T

A bztctmietl gruwih. If 21-:;r:u1'2:te 011:1 z:e;11ati:“:ié;tI‘aIi<m :31’ 21 2:23:11-
pousicl is; requirserzi, :1 fozzrciing nceciiét (Clam; and H:1rEz::1cE. 1969}.

. dose $$js“E‘iI1g€ {Shani 2»: mi. 19?f3L :31‘ cmatimlous int1*;1gast:"c

infu.~;i{:m :5}-‘stem (W21j;:1f<):‘tI1 :21’ m’.. 19??) should be used. SLED
‘ rccssfui per‘ ax admini.<;tratis:m of C<1rn;:»()L:|1ch; 1'equir::s thm‘0ug.h

knowledge: of the zmalomical 1'cl21tionsl1ip:s of the o1‘0phm‘y1 X

and deft much because the csophagcral orifice: ‘smut:-t be easi jg

observmi in the living 1nr:su:;e {I*vilz:ced2:~S0brir:ho e: mi, i9?E~§}

(Fig. 4}. The mause is :'€Sf1'2ii11€3fi£!?$ shmvn in Fig. IA. and the

fee«:1i:‘sg azamiie is immmtced into the left dias;t<:me1 and gum y

<iirectv:<“£ czmtizzliy {(}W2lI‘{i the right rami of the rmmdihlc. At thix

B paint, the mGlt.‘:1{.‘ uszzieiiiy begins to swaiiicww and the ikzeziiis g
ncadle can be gently inserted into the »;:sophagLI:; (Fig. 5). 1

i:1t1'atg2tst3'ic adiniitistiutiotx of the c<>mp0uI1:.l is desimcl. thit <ii~~

amc:t<::1' of the feeding net-:rJ1r: or the tube should be smzi

crmugh to pass through the §:&i(}ph23.gU:~3 where its diameter mar»

rows mean’ the heart. The length of mi: ftzedixlg needle or tube:

Can he ezztimated by n1ea3L::'ir1g the ciistamteé fmm the msze as

111:: last rib. Extending the n1uu:~‘.r3’§; ties}: to form 21 straight rim:

between esophageal orifice: and the cardiac sphincter alga facil-

itates intrzzgastm: a<iminisn'ario:1 <:ef<:or11poun<:!s‘

 
  

 

C. Subcutaneous Iujectiun

Suhcutzmeous injections (SC) of l.U—.?:.(3 ml per adult m<:+us;e

are made into the 1(mse skin over the neck or flank us‘mg 21 20-

tca ;"6«gauge '/3~l-inch zxeedle (Fig. {S}. The nsedle should be

 T inserted into the skin '/iw ‘X2-inch caudal to the injection site zmd

th+::na<ivaa:1cc—:ci through the subcutanmus iisstaes to the injection

"M" *9‘ ' suite in Carder in m'mimi;.:c Eczzkzigc of the injeisicii :11a.t:::‘i;i! 0:11:74'%
the peiage. Szihcutanezous implants h.sw:~: heezz tisfid ta mzzimain

!4‘r't:. 3. Rf3.\iSI’2tit1-E devices.‘ 62%) Plexigtans hm for tail htecding. EB) H:1:':i— ErEmSF)E9‘mab}‘3 mmom‘ Creme Cuhum Chamberg fiéfiko‘ E9133)‘
wztm ciush and cork nmusc hcrldcr. (C1 l’icxiglas C}‘ii!3r:l::°r for irrzutizitimi nr mil
vim: injection.

the tail fJeIming:s at m’.. 1973). or at body htllidéigfi (Brj,«'zmI and
13::rnard. I955; S£‘:ib:3I't and Pnllanl, 19?}; Sediacek car .»:z{..

19701 diosfemo

B. Per('}S _ _
epaglofhs

The easiest, but least €IC{.‘LEI'£l{€. way to £i(11”!‘iiI1iSt€I‘ coinpounds

gm‘ as is 11> mix them in the fomi or c;!rin}<iu_;_z_ water. HCWGVGI’.

if the compmxnd imparts an unpIeas2Ir1t flzwczr to the fond er

wzzter. food or water consumptian is often dras;ti<:aH},2 reducml.

In one smciy ~.vaater consumption Lie<::'ea:sed 436;? f‘uH<>wi:1g the

znzltliticm (‘sf 0xytett‘aC}=c1i:1c to the drinking water {'StL1n1»:arc1 :3:

mi, 19391): the pr<:>bIt:n1 was izliminatésni by Fizm)1‘i:1g the water

with .*il1{.‘l‘£)Si;‘., However, h0tih—:.<; of drinking wzttr5:r flax!<)1'::~:d with

sugar shoulci be rezpiacai at least twice at week because cf rapid E‘}_:;. 4. Anzztmnisszii rc!aEie)m;hips of the m-npma-;.«.a,»;.

esophagus

tongue

diosfemc
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ms. 5. Iittragastric intuttzztitm. (21) Feectittg needle and restrairtetl nmtxse
pricr to insertioit of the feeding needte. {I3} Inserting the feeding needie "mm
the left diastema. (C) Conzpietirig il1$€l'tt0i"t of the feeding needle into the
stomach.

induce fume-rs (Prehn and Kzamik. 19?9). culture en»:ic.:critte

organs in \*i\9{} (Krohn, 1963), or test materials for dental pres-
thesis {Russell 3: a1’., 19259). étnesstliesia is 21{1mit3isfel‘€(i if the

implant requires; incisitm of the skin with scissors or use cd‘ 21

targe 14—gaL:ge tr<:~eat'.

TFLRRIE L. CUNLIFFE—BEAMER
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Hg. 6. Injection sites in the meme. iv, intravenous; ip, itttraperitoneal; se.

suhtrutaneous; im, intmnitnseuiar.

I). Fnotpad Injeetiun

injection into the voittr aspect of the foot pad is used tu elicit

iznmuttelogieai respcnses. Up to 0.05 ml of i[1OCtli2i can be

itijecteti into a hindpaw (Nelson, 19733}, and the response can

be easily measured (Pear:~;0:1 3: ::'ti.. 19?!) (Fig. 6).

E. Intracranial Injection

itttraeranial (Tic) injection of stispect material into infant Qt‘

weanling mice is used as an in mm assay for neumtmpltie

viruses. Netmates are iestrttinerl with forceps; wettntirig mice

shouts} be anesthetized. The needle (2?-gauge fur neonate, 22-

to Eébgauge far weanling) is inserted through the :-skin over the

midsection of the parietat bone slightiy laterai to the eeutrai

suture; this awsids puueture ed’ the sagittal or tt'at1sverse veneus

siiittses. The needie is gently rotated until the bone is pens»

trated. ‘Then the needle is advanced to a depth of 1M4 mm,

depending upon the size of the mouse. Apprdximately 0.015

and 0,03 ml can be injected ititraeraniaiiy into neonatal and

weanling mice, respectively (Johnson, £914; Murine Vi1'us Di-

agnostic L£1E)0l'a{0§'}‘, £9238}. Soititiuns injected 'mtracrania11y

should be as near body temperature as possible, and after injec~

tier: mice should be kept warm to reduce the p{)SSii}i1it}‘ of
shoctt.

A technique for intracistemai injection into the cisterna mag-

ma of conscious mice was deseribe<:i by Ucde tar as’. (1909). A

specially modified 2?-gauge needle was used to inject I0-20
p.l. httracerebroventricular injection of hormones or other

pharniaeologic agents into specific areas of the "t'enti'icIes re—

quires stereetaxic placement of" the needle as described by

Delaney et at’. (197%) and Holman (1980). Severe] stereotoxic
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18. BIOME‘{‘HOl}{)L{)G‘x’ AND SURGICAL TECHNIQUES

atlases of the mouse brain (Krueger, l97l; Leliniami, l9?4;
Montenmrro and Btikelew,‘ l9'}2; Sidman et‘ a:’., 192%} are
available. '

F. Intramuscular Injection

ltttramuseulai' injections {imj are usually avoided in the

mouse because of the small muscle masses. Tltie rate of al>s0r1:a~

lien of aqueous solutiens is similar following lt}li’Z1m1ISCL!l€il'

and subcutaneous injections {Bagge-tt, 19%’). lf necessary, Em

iztjcctioras of {L05 ml or less may be mettle inte the anterulateral

thigh musclezs (quadriceps femoris group) using a 22» to 26»

gauge ‘xi:-inch needle (Fig. 6). '1“he needle should be directed

away from the femur and sciatic meme.

G. Intraperitoneal Injection

T0 amid puncturing the smniaeh, spleen, or liver inim-

peritoneal {ip} injections of up to 1.0 ml are made inte the

lower right quadrant of the ventral abclemen (Fig. 6). The

mouse is restrained as shown in Fig. 1A, and the hez1dlet"s

wrist is rotated until the meuse’3 head and body are tilted in 3

clownward tlirectiorl, allowing the m0use‘s abtlomiraal ‘r.s‘i:5<:£3I'%1

re shift crariielly. The needle (23- to 26$-gauge ‘/i—’/3-inch) is

then inserted through the skin slightly medial to the flzmk zmtl

cranial to the inguinal canal, advanced eranially through sub-

cutaneous tissue for 2-3 mm, and then inserted througlt the

abdominal muscles. Care should be taken tea avoid penetrating

the preputial glands in the male mouse. The needle and syringe

should be lieltl pzzmllel to the mottstfs vertebral column in

order to amid accidental retroperitoneal or intrarenal injection.

Further sources of €3i"I.‘{}I' using intraperitoneal injections have

been outlined by Lewis at as’. {l9f:36} and Hamilton as at’.
f 196?}.

H. Intrathoracic: Injection

Unless experimental objectives mandate intmtheracie injec-

tion, intraperiteneal injection is prefe1‘rec:i because it is easier

and less lmzatrclous (no risk of pneuniethorax or punctured

lungs), and abseiption rates are similar. lntrathoracit: injec~

lions, if necessary, are made at appmxirtiately the midpoint of

the chest using a slightly lieztt 3/¥:~in<:h 22-gauge needle inserted

at an angle between the ribs {Simmons and Brick, l9?G).

I. Intravascular Injection and Canltulaticrn

1. Intraarterial Injection

ln certain procedures such as angiography, intraarterial in-

jection may be necessary. ln_jec;ti(m into the femoral artery

«Kl?

using a l/Ewlllfth 24-gauge needle has been tlescrllzaecl (Simmons

and B:'iCl<., I930}. zmtl teelmiqttes for carotid cazmtzlation

(M<:lS<laster; I941; Sugzmo and Nemura, @633) can be adapted

fer int1'aa1‘tet‘ial injection. To ttszslure intt'aaI'Ee1'ial injection,

anesthesia is performed and the artery is expoeed tlirouglt 8.
skin inciezien.

2. Intravenous Injeetitm

lhe lateral or Cl(}l'Sal tall veins are the usual sites for intra-

veneus injection in mice {Gt'it:e, 1964) (Fig. 6}. Devices to

1‘(i§$l;£'.‘:tl|”1 mice for tail vein lI’Jjt3Cli<2sI“tS are €lt?SC1‘ll?{2£l by C‘t'i5pem;

and Kitlllié‘. U961), Champlin and McGill (I963), Boggs,

{I938}. fiillings (19:93? Ft1z'net' and Mallet: (I915), Lul«:ase~—

Wye: {l9?6}, Mylrea and Abbreclit {I963}, and l\llCl{%§0I'c and

Barltulis {l94’3). Tail vein injection is ea:~:ier if lllfi veins are

dilated by warming the tail f‘er5-10sec. in ajar of warm water

{Bar1'0w, W68}. er warming the 1”l}{)L1S£3 for 5-13 min. in a jar

liealetl by 2: 4{}wl0f} W light bulb {Simm(:sr1s; and Briclt. l9'?{}).

If necessary, tourniquets tlevised fit) :1 2: weuncl clip ap;:»IicaIez~

(Bergstt'é$m, l9':'I} or 2: hypodermic syrizzge and tltreacl {lV.llI1£l~

slam. 1980) can be used re aeelticle ti il veins. In albino or gray
mice, the tail veins are vistualized as thin reel-lzdut: lines coats»

ing along the top (dorsal tail vein) and bottom {ventral tail

vein). Tail vein injection of mice wl la pigtiientetl tails: is mere
difficult than ittjeetien of mice wit nonpignientecl tails. De-

pending upon thesizc of the mouse 11 26~ tn 3(}~gat1ge l/fz~ to ‘/2-

inch z1ee~:lle is used. Other sites for izltrzn-enotts injectitmsg in-‘
elude the external jugular vein ilicssel and Lexsitail. W53‘).

Cl0I'S£tl metatarsal vein {Nobunaga at «:1, 1966), stzblingtzal

vein {Wa3,rnfortl1 and Parkiit. 1969), and ophtltztlmie plerxzus

{Pinl<ert0n and Webbet‘, I964). Strgicatl €J*{pOSLIt‘€ til‘ these

Veins is not required.

3. Vascular Camiulatima

The dorsal tail vein has been the ttsual site fat’ lnt:'2wen::.ms;

canmilation in mice {C{‘mne1' ex 52]., W80; Martin anal Sttaus,
1980; Rhodes and Pattetzsbzi. l9?9); depending upon the teel -
ique, anesthesia may or may not be required. Tail vein can-

iulas sheultl be protectecl by bandages: or splints.
The jugular vein is also accessible fur ll1ll'£W'vE3l”1CIl.1$ <:Eil1I1Ul2’i~

ion after the "mouse is anesthetized and placed it: ciorsal er

dorsolateral fCCllI1’ll}2i[lC}{. After the skin is prepared for sur-

gery, 3 l-cm paramedian incixion is made from the manubrium

0 the rami of the mandible. The cattclomedial edge of the

arotid E5$lll7>z'Eil'y gland is dissected free, exposing the jugular
vein and its fascial sheath. Incision of the fascial sheath e>:.—

oses the jugular vein. The cannula can be inserted or direct

injectiens can be made into the jugular vein using a 30~gauge

needle. The volume injected should not exceed O.l to 0.2 ml.

7’ost«injection hetnerrltzage is centmllecl by gently compressing

he jugular vein with the end of the sztlivziiy gland as the needle
is withdmwn from the vein.
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Procedures for cannulation of the Common carotid artery

have been described by luiclylaster (1941) and Sugano and

Nomura (19633). After insertion, chronic carotid or jugular

cannulas are routed subcutaneously across the lateral surface of
the neck and exteriorized on the dorsal inidlirie between dorsal

borders of the scapulae. The abdominal aorta can be cannu-

lated using the technique described by Weeks and Jones

(1960). lixteriorized cannulas should be protected by a light

weight body bandage. In some instances, a stanchion-lilte cage

may be advised.

J. Medication of Neonatal Mice

hdedicatiori of neonatal mice is complicated because of their

small size and the danfs tendency to reject or cannibalize

offspring that have been handled excessiyely. Up to (}.l ml

may be administered orally through a piece of plastic tubing

inserted over a 30-gauge needle. Subcutaneous injections of

approximately 0.1 ml can be made over the rieclr and shoulders

using a E/4-inch 30-gauge needle (Gibson and Becker. 196?).

l..eal<age from intraperitoneal injections (0.05----{}.l ml) is mini-

mized if the ‘/5z- to ~l/9-inch 30-gauge needle is inserted into the

skirt parallel to the right femoral vessels and advanced sub»

cutancously until the lower right abdominal muscles are pene-

trated. intravenous injection of the neonatal mouse is difficult.
Several authors have recommended the anterior facial vein at

the level of the lateral canthus of the eye (Anderson at aii,

1959; Barnes ct mi. l963; Billingham and Brent, 1956} or the

transverse (sigmoid) sinus (Barnes at m’.. i963). The latter

injection site may be used until the mice reach l8—2(} days of

age. lntrncardiac injection of newborn mice with up to (3.05 ml

using 30~gauge needle has been described by Grazer H958)

and Poatniltoya (1960). lntracranial injection of neonates has

been described previously (Section ll,l3}.

The best defense against rejection or cannibalism of experi-

mentally manipulated newborn mice is gentle handling of both

neonate and dam. It is also helpful to select rnultiparous

females that have successfully reared a litter and have demon-

strated satisfactory maternal behavior, to select docile strains

or stocks. and to separate dam and litter while the litter is being

hszutrlled. Plastic gloves should be worn or an odor~nia:~;l<ing

agent {perfume} may be placed on the danfs nose and on the

neonates to prevent them from acquiring or recognizing human

scent. After‘ injection or surgical manipulation, any extrava-
sated blood is removed and the neonates are returned to their

nest. East and Parrott (1962) described several surgical and

poatsurgical procedures for neonatal mice. Additional sug-

gestions made by Libbin and Person { 1979} for neonatal rat

surgery can be applied to the mouse.

TERRIE L. CUNLIFFE-BEAMER

IV. C{}LLECTI0l"vl OF BIOLOGICAL SPECIMENS

Sections VI, Vll, and Vflll should be consulted before at-

tempting some of the more complex procedures described
below.

:1. Bile

Chronic cannulatinn of the bile duct of mice has been de-

scribed, in detail, by Becker and Plan (19633). Atlaption of

routine liver function tests for use in mice was described by

Anonymous H962) and by Casals and Olitsky (1946).

B. Blood

lylany techniques for collecting large or small amounts; of

blood from mice have been developed.

1. Orbital Sinus

‘Venous blood can be easily obtained from the orbital sinus.

The mouse is placed on a table or cage lid in lateral recumban-

cy, and its body is restrained against the table using the palm of

one hand while the thumb and forefingers of the same hand

restrain the head and gently open the eyelids to expose the eye.

A microhematocrit tube or small bore Pasteur pipette is insert-

ed through the conjunctiva of the medial canthus and is di-

rected medially into the orbital sinus by quickly rotating the

tube frorn side to side (Fig. '3}. '1‘he eye is not danianged

because the tube passes under the eye. Reluctant blood tlow

can be lmpI'()X-‘€Z(l by raising or lowering the tube. This tech-

nique is usually performecl on anesthetized mice.

After the required amount of blood is obtained, the tube is

withdtmyn and bleeding sually ceases. If necessary, hemor-

rhage can be controlled by direct pressure applied over the

eyelids. Small amounts o" blood (39-80 til) can be obtained

‘from orbital sinuses of nice as young as 14-15 days of age.

Larger amounts of blood {G5 inll can be obtained from orbital

sinues of older mice if tubes containing anticoagulant are used.

Orbital bleeding can be re outed within hours it’ the arnount of

blood removed at any one time is relatively small. Art alterna-

tiye approach to orbital bleeding involves; restraining the mouse

in an upright position, as s own in Fig. IA and B, and entering

the venous sinus via the lateral cnnthus. This method provides
less control over sudden ioycrnenta of the mouse’s head and

increases the risk of corneal lacerations. Further descriptions

of the technique can be found in articles by Cate (1969). Riley
{ l96Ul. Stone (1954) and Simmons and Brick (Will).
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C

Fig. ?. Orbital sinus bleeding. (:1) Ccirrocf angle for ll1S!3I'{l()}'1 oftiie micm—
hcmatocrit tube. (E1) Incorrect angle: lvlicroiiernatocrit who will laccratc the
eye, {(2) incorrect angle: Micm-hematociit tube presses against the orbital
boners ancl (lees not elite: the orbital iiinus.

469

2. Tail Veins and Arteries

Tail xieinss and arteries riiay also be used S£}i1l‘C€§f~‘. of blooci.

Tail bleeadizig is facililatod by immersing the tail in warm water

or warming the mouse: for fi~l0 min in a cage cow:-:1'ee:l by a

goose neck lamp with {:1 50~l00 W light bulb. Hepzlrinization

of the 1T1()lJS€ prior to tail bleeding also increases the yield of

hlooli {Lewis .9! 523., 19%}. One tesshniqiie involves ampulaiing

the tip of the fail of an anesthetized mouse with a scalpel blade

(Stella and Bentiall, 1975). Another technique involves: incis-

ing the Skit} and ‘-z<=;nti'al artery and veins of the tail Elpp1‘C‘l.K~

imately 0.5-2 cm from the base of the tail with a razor blade

(Fields and Cuxznirzghsim, l‘9"?6; Lewis at al., l9'i’6). Om:-half

to l ml blood can be obtained using this technique. Small

amounts of blood can be aspirated from tail veins following

insertion of 30-gauge needle attached to 0.5- to l.0-ml syringe

(Grico, I964}. The latter teclmique is lime~<::onsuming coin»

pared to prex-*iuu3l3,-' (l€lSCI’llT}E3(i II1r3[l1(3{lS.

Blood samples obtained from the orlzilal sinus and the tail are

significantly different with respect to hematcoczrit and red and

white blood cell counts but are not significantly ciifferent with

respect to differential leuliowte count or polychromaiic red

blood cells. Less samplaa to sample variation in the Zibih-‘*3 imam-

atologicrezl paramet::i':~; is observed in blood obtained from the

orbital sinus compaied to blood from the tail (Sakaki :3: 03.,
196]).

3. jugular Vein

Ul1EidUll{:l‘21l€(l venous bl{}0Cl can be obtained from the iiiguliir

vein by modifying the jugular injection technique of Kassel

and Lizvitan {£953}, or by surgically exposing and sev<:1‘ing the
jugular vein {Aml31‘us; :21 af., 1951).

4. Abdominal Aorta or Brachial or Carotid Arteries

Uriadulterated arterial blood can be obtained from the ab-

dominal aorta {Lushbough and Molina, l9£3l), bmchial eimzry

(Young and Clianibors, I933), or carotid artery (Ami:-rus at

{?.l., 1951). All of the above procedures require anesthesia and

result in the death of the mouse with the possible exception of

carotid ai'tei'y bleeding as clr:.sc1'ibed by Ambms es’ en’. ( 1951}.

5. Heart

Large amounts of blood can be obtained directly fmm tho

heart using any of several diffeiism ieclmiques. The technique

described by Falabella Q96?) utilizes marsual rsstrzaim of the

unanestlieiized mouse and insertion of a 20-gauge needle at-
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melted to p()lyeth3:lene tubing tlimugh the iTli(l\*8I1Il'Ell tli(}1'ax
into the heart. H()WB3s‘C1‘, anesthesia shaoulcl be administered

prim‘ to cardiac: ptmctiire. The anesthetic of cheice for <:«::Ille<:~

lion ml blood for hematological erxzzimiziatioti is ether because it
does not affect h<31'l1al0C1'll, red bloocl cell count, white blood

cell count. or tliflmential cell counts (Grieve, 1964}. Cardiac

puncture through the E1I1lE11‘iCol' thoracic apez*l:ui'e of anesthetized

mice was rdlzscribed in detail by F:'::mkenl3s::rg {l9?9}. A third

techttique clcserilaecl by Sirximmisi and Brick (l9?O) inmlxses

dorsal 1'-eclmibamt restraint of the anesthetiged mouse and pen-

eiraliczm of the thorax through the diaphragm under the xyphoid

cartilage slightly to the left 0f the midlinc with a 20- to 25«

gauge 1-inch needle attaelted In 21 I— to 2-ml syringe. The

needle and saywinge are elevzited l(}°—30° fream the horizontal

axis of the stemum (Fig. 8}. lnali::urtl1tecl1:1iqt1e deseribecl by

Culiitt and Barrett 6 l97‘8}, the heart is expasecl via an incision

in the ventral tlmmie area and blood aspirated clirectlgg lirom the

right vezitriele. Uiilike the three former techniques, this last

technique reaults in the death of the mouse. Data presented by

TERRIE L. CUNLIFFE-BE‘-AMER

Cubitt and Barrett tjl9’?8) indicate that blootl collected using

open and clesed thorax metheds is not identical.

C. Bone Marrow

Small ariiounts of bone marrow may be aspirated from the

ilium (Sundberg and Hodgscan, l9-49}, tibia (Sunclberg and

Hodgscm, 19x19), or stemebrae (Pilgrim, i963) of an anesthe-

tiziecl mouse. Aseptic technique must be ()l}SC1”\*f.iCl if sterile

marmw er repeated samples are desired. Larger am-auzits of

bone mariew are etbtalnecl by llushing or aspiratiilg the marrow

from the excised shaft of a disarticulatecl femur from 23 recently
killed I}”10LlS€.

I). Feces

Most mice urinate and defecate: as soon they are re»

strained, and 1-3 fecal pellets can be obtained. Alterrlatively,

.-

.m*''4a‘
Fig. 8. Cztrcliac punctuxz. ta) Poszitiori ml" the ailestlietizecl nmuse prior to insei't'mn of the 11;»-‘pozlermic rleedie through the skin and cliaphragm. (la) Dissected

sptzrjmen: Conesct angle of insertion 0f the needle. f 0} Dissected spccinien: Irlcsm-me: zmgle ul‘insr.:rti:m of the needle results in the neetili: passing over the heart.
((1) Di5$€3{:l€(l specimen: Incorrect angle (if inserticm of the needle resaults in the needle passing under the heart and possibly penetrating the aorta, vena cam, er
lung.

|nnoPharma Exhibit 1100.0012



18. Hl()ME'l‘H()I)DLOGY AND SURGICAL TECHNIQUES

placing the mouse in a clean heddirig—frec cage or plastic cup

for l—3 hr usually results in the acquisition of small amounts of

fresh feces. Metabolism cages may be used to collect larger

amounts of feces over a 24—hr period (Rucldidge and Mclxien»

zie, i980). However, all of the preceding methods potentially
expose feces to urine. Uncontarniriated Feces can be obtained

using anal cups (Rye: and Walker, 1931) or plastic bags and

pipe cleaners (Roerig el‘ al, 1980).

E. Lymph

Chronic canriulatiori of the tboraic lyrnpli duct caudal to the

diaphragm was described by Book and Woodruff U965),

Gcsner and Crowans (1962), and Shrewshury (1958). Success-

ful execution of this procedure requires patience and meticu-
lous attention to detail.

F. Milk

Mouse milking “'rna<:hines” with single or multiple teat cups

have been described by Feller and Boretos {l9o?}, llaherman

(1974), liahler (1942), htlcfiurnegx ex :23. (1964), and Nagasawa

(19119). Prior to milking, the lactating female is; separated from

her litter for 842 hr, and mammary glands are washed with

warm water. Milk flow can be stimulated by injecting 6.25 U

oxytocinfkg body weight subcutaneously (Nagasawa, 19??) or

0.4 IU Pituitrin {Parke Davis Conipanylfkg body weight intra-

peritoncally tlvieliurney er ail, 1964) a few minutes before

milking is attempted. The vacuum pressure of the milking

“machine” is adjusted to l0»~20 cin Hg, with rapid pulsation

being necessary to achieve inaxiinuni milk yield. Peak lacta-

tion occurs between the twelfth and thirteenth day postpartum

(Planrahan and Elisen, 1931). Mice can he milked several times

during the day and yield G.7~1 .0 ml per mouse iléahlei‘, 1942:
l\=lCBul*[1€f,*‘ .9! al., i964}.

G. Peritoneal Cells

Peritoneal cells can be harvested by aseptically lavaging ab-
dominal viscera with 6-15 ml warm isotonic saline or Hanks

solution. The skin should be dcpilatcd and then decontami-

nated with 7*'0*?i> alcohol. The lavage solution is injected

through a l9~gauge needle into flank just anterior to the cox~

olemoral joint (Naahed, 1976) or into the umbilical region

(Chambers, 1913}. Seventy to 90% i'eeovery of injected fluid

is expected. Anestliesia may or may not be l‘6£§ulf€d depending

upon the volume of fluid injected, the skill of the operator anti

the temperament of the mouse.

43)‘

H. Pl!ii’[1{}l}-‘:!l‘}' Cells

Puliiirinmy cells can he haweatetl by l:-ronehopulnionary lav-

age of anesthetized mice (l~.=lauderly, l9'l"?, or Medin at £13.,

l9?6l, An inhalant anesthetic is administered via laryiigeal or

tracheal cannula; wash volume should he predeterinined for

individual mice, but approximately 0.7 ml is used for adult
mice.

I. Ova and Sperm

I. Ova

Collection of mature ova depends; upon accurate identifica-

tion of the stages of the estrous cycle of the fcniale niouse. The

estrous cycle was described in detail by Bronson et ai’. ( 975),

and photographs were presented by Champlin er (:3. {I978}.

Ovulation can be induced by adrninistrzttion of gonaciot opins

to the procstrus female mouse {Fowler and Edwards, 195?‘;

Hoppe, 19%}. However, age and strain mnrlszedly influence

the female rnouse‘s reaponac to exogenous goriadot ‘opins

(Gates, 19’? l ). Ova can he collected by excising the ovary and

oviduct from a recently ltilletl or anesthetized mouse aid in-

serting a 30-gauge 1/2»iricli needle attached to a 0.5 to l—inl

syringe filled with 3 warm isotonic .‘«‘.€)lllllOI1 into the distal end
of the oviduct. The ova are flushed from the oviduct tl rough

the ovarian bursa into a watch glass (Gates. l9'?l; Hoppe and
Pitts, 1978).

3. Sperm

Sperm can be obtained by clectroejaeulating male mice

(Scott and Drink, i959), expressing the vas deferens {Snell er

at, 1944}, or mincing the epididymis (Soutliard er cal, l96S}ol‘

a recently killed male mouse. Secretions frorn the vesicular

and coagulating glands coztgulitto electroejaculated semen un~

less these glands have been previously excised. Coagulation

does; not occur in semen obtained by expresiaing the was defer»

em; or rninoing the epididyniis. Sperm used for ::l!‘llllCi2ii ll‘tS€II1~

ination should be kept warm in a 5% C03 environment. Vari-
ous media or solutions have been reconirnended as diloerits

(lloppe, 19796; West ct mfl, l"~)?"'}‘}.

3 . Urine

Most mice urinate as soon they are restrained by hand.

The spontaneously voided urine can be collected in a test tube

held in the right hand while the mouse is being held in the left

hand. Urine samples also may be collected in commercially

available or homemade nietabolisin cages {West ct ($3.. l9'}‘8)

or in plastic bags held in place witli a pipe cleaner harness as
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described hy Roerig er at’. { F380). Evaporation or degradation

of urine can he reduced by immersing the specimen bottle in

crushed ice (West at 523., l9'?8}, or adding toluene, thjnnol,

formalin (Cotes, l9”?<l), or mineral oil to the urine sample.

V. ASSESSMENT OF PHYSIOLOGICAL STi\'['US

A. Blood Pressure, Heart Rate, and Respiratory Rate

Blood pressure of mice can he mcasttrerl directly using car-

otid cannulation and pressure rliaphragrns -{Sugano and

Notnurat l963a) or indirectly using occluding cuffs around the ‘

tail {Van Niinwegen 6: mi, 1973} or hinclleg (Mchiaster,

1941). Return of circulation following release of the occluding

cuff can be assessed by visual observation of the capillary

circulation in the claw {l"r‘lcMaster, léwlll. or use of pho-

toelectric cells {Van Nimwegan at nZ.. 1983) or ultrasonic flow

meters {Newman and Looiter, i972). In addition, Weeks and

Jones (1960) technique for direct measurement of blood pres-

sure in rats using aortic cannulas appears adaptable for use in
mice.

Heart rate is measured using eleotrotzartliograms or phono-

grams (Richards at n§.. 1953} or estimated from recordings of

blood pressure. Respiratory rates of mice are measured using

*3l€ClI‘0t1‘l§r‘OgI'2imS of the tliaphragtn (Sugano and Nornura,

l9o3b,c), pneuinotachogrants with glass face masks or tra-

cheal cannulas {Sugano and Noinura, l9o3h,c). or a light de-

tector systein (Beven, i980). The first two procedures require

anesthesia of the mouse; the last procedure utilizes a restraint
tube and an urtanosthetized mouse.

B. Food and Water Consumption

Mice quielcly scatter powdered or pelleted feed and, thereby,

frustrate attempts to accurately rneasure food consumption.

Powdered diet or pellets can he dispensed inside the cage in

screw capped specimen jars with a iii» to ‘/2-inch hole drilled in

the lid or modified beverage containers (Dunn and Stern,

1978). The mice have free access to food in these systems. hut

spillage and contamination with urine on feces are not com-

pletely controlled. Systems for more accurately dispensing

granulated feed or powdered or pelleted diets have been de-

scribed by‘ Hun;::il<e1‘(l9'?§), Morello and Nicholas {£969}, and
Koerker (1974). All of these feeders are constructed from read-

ily available materials, and spillage or contamination are con-

trolled to varying degrees. Spillage can also be controlled by

adding agar hasc,‘e.g., 4% carrageenan (Kahn, 1966}, or for-

mulating the diet as a gel.

Accurate measurement of water consumption of a group of
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mice in a cage requires a drip pan located under the drinking

tube to catch drips as mice play will} the tubes or as valves

leak. Water consumption of individual mice caged in groups

can he rncasured using a radioisotope label in the water {Toya

and Clapp, i972). Also, various electrical devices have been

designed to monitor feeding or dfitlklllg frequency (hitn'al<an1i

and Intel, l9?3; Saito and Talcahashi, l9'?9; Sigtlestad cf rri,
I9?-4}.

C. Neurological Examination

Neurological examination of mice is difficult because of
their small size. Careful visual observation of mice with sus-

pected neurological defects is mantlatory. Suspected vestibular

abnozrnalities can be confirmed by placing a mouse in 21 pan of

warm water and watching it swim (liurlcy, I968; Erway at 513..

196%). Normal mice instinctivel}; know how to swim and hold

their head above water. Placing reflexe:~; can be evaluated by

lifting the mouse hy the hack of the neck and tail and then

lowering the mouse onto the top of a table. Normal mice reach

for the table as soon as they see it and spread their toes when

their feet touch the table. When pickerl up by their tails, nor-

mal mice abduct their hindlegs and spread their toes. Mice

with neurological defects tend to adduct their hindlegs and curl

their toes. Horizontal rotating rods may be used to detect dis»

lufbfifl equilibrium or muscular weakness (Seainer and Porn.

i969; Fuller and Winner‘, 19355). Grip strcugtli, cxtensor re-

sponses, and muscular strength can be evalttated using the

miniature “bench presses” described by Cabe and associates

{Cahe and Tilson, l9?8; Cube at at, 1998). Open field tests

may he used to screen for Stlblle behavioral {it3X='lEill(}l’1§1 (Sp3«‘l:cr

92‘ mi, l9?2). Procedures to visual or auditory ca-

pabilities of mice were reviewed by Fuller and Wimct‘ ll9?5l.

lligashi at at’. {l9?9} described an apparatus that pcrniitted

recording of elcctroencephalographs in the free-moving
mouse.

I). Miscellaneous Techniques

Body temperature can he rneasured using a coppcr—con»

stantan thermocouple inserted in the colon to a depth of 3 out

(Barnett. 19:36). if the mouse is held by the tail and the forefoot

retnain on a flat surface, bod}; temperature remains constant;

however, imntohilizatlon by the tail and scruff of the neck

tends to depress body temperature (l?vilcLaren, 1961). Total

hotly volume of a mouse can be estimated by using Boylc’s

law and displacement in water {Uchida er oi,‘ l‘3?3). Methods

for determination of oxygeii nietaholisin of mice are described
by Mayer 9:‘ nl. (1950) and Furukawa at at. (1966). References

describing other miscellaneous techniques can he found in the
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following bibliographies: Snell and Htinitnell {i975} and Cass

er al. (1960).

— VI. ANESTHETICS

Many environmental and genetic factors alter the rnouse’s

responses to anesthesia. These factors act through induction or

depression of liver microsomal enzymes or other less well-

defined physiological mechanisms. Factors that alter sleeptime

following barbiturate anesthesia include cleanliness of the cage

(Vesell er a!., $376}. type of bedding (Cunliffe~Bearner cf 01.,

1981; Ferguson, W66; Vesell er a1.. 19%}, sex iwestfall er

o!., 1964}, strain (Vesell, 1968; Jay. I955; Nebert and Gel-

boin, 1969), age (Vesell, U368), environmental temperature,

animal density, diurnal variation (Davis, 1962), and sensory

stimulation (Vesell, i968). Examples of effects of different

beddings on barbiturate sleep-time are included in Table 1.

General principles of anesthesia of laboratory animals, in»

cluding mice, have been discussed by Taber and Irwin (1969),

Green (1979), and Mclntyre (1971). Regardless of the anes-

thetic selected or its route of administration, the depth of anes-

thesia must be accurately assessed in order to avoid problems

associated with too much (depressed respiration, death} or to

little (lack of analgesia, poor muscle relaxation, struggling)

anesthesia. In mice, depth of anesthesia can be judged by

failure to tliclt whiskers and ears in response to a puff of air
(indicates minimal sedation), absence of eyelid or comeal re-

flexes {variable and hard to assess). failure to withdraw foot or

tail in response to a pinch (indicates surgical anesthesia) and

respiratory rate (dangerously depressed if less than 10 in 10

sec). lrrespective of the anesthetic selected, toe pinch and res-

piratory rate are the most consistent indicators of depth of
anesthesia (Taber and Irwin, 1969; Greene and Peder, 1968;

Tarin and Sturdee, l972).

Anesthetics can be classified into two basic groups according

to the route of administration. These groups are inhalant and

injectahle anesthetics.lnhalation anesthetics are in two basic

Table I

Effect of Bedding on Pentoharbitai Sieeptimes in Two Strains
of inbred Male Mice

Sleeptime {min}

Bedding C5?BL:'6J DRAKE]

Mixed hardwood £35 : 6 161 1 9

White spruce E23 3: 5 164 -: {(1
White pine 85 1 4 121 t 6
Red cedar 56 i 3 78 i 5

t‘ Adapted from Ctinliffe—Beainer at at. (1981).
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forms, gases (carbon dioxide and nitrous oxide) and volatile

liquids (ether, enflurane, halothane, and niethoxytiurane). In
the past few years the hazards of exposure of personnel to

waste anesthetic gases have been documented (Whitcher and

Rock, 1978}. lndividuals using inhalant anesthetics for labora~

torv rodents should not ignore these potential hazards because

most systems designed to administer inhalant gases to mice or

rats use face masks, jars, or other nonrebreathing devices that

maximize the degree of anesthetic gas loss to the surrounding

environment. One of the simplest ways to reduce exposure of

personnel is to place the anesthetic system inside a fume hood

or construct a scavenging systern that connects to an exhaust
vent.

A variety of methods for adrninisteration of inhalation anes-
thetics to mice have been devised. Ether can be administered in

covered jars (Fig. 9}, but the mouse must he removed as soon
as it is anesthetized. Edwards cf of. (1959) describe an ether

chamber equipped with a hubhler that vaporized the ether.

Tarin and Sturdee ( 1972) describe a system using a homemade

vaporizer that administers methoxyflurane to two mice slimli-

taneously. Nonrebreathing systems for administering halo-

thane or methoxvflurane have been described by Dudley ct cu’.

t l9?5), Manderly (1975), and Smith at an’. (1973). These sys-

tems utilize comrnercial vaporizers. A self-«contained anesthet-

ic chamber using soda lime to absorb exhaled carbon dioxide

and a fan to circulate the riiethoxyfluranc is described by

Mulder and Brown (i972). Anesthetic chambers have also

been described by Boutelle and Rich (1969), Hagen and Hagen

(1964), and Heidt (1978). Green (l9'79) summarizes numerous

articles describing very simple or very complex apparatuses

designed to administer inhalation anesthetics to mice. laife and

Free (19?3) describe a simple endotracheal intnbation tech»

nique for rats. This technique may be adapted to large adult

GLASS, METAL. OR
ALUMINUM FOIL COVER

500-ml or lO0{3—rnt
BEAKER

EL.E\!&TE.D HAR DWARE
CLOTH FLOOR

COTTON BALL DAMPENED

WlTH ETHER

 
Fig. 9. Components of an ether jar.
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mice. If a vaporizer is attached to the positive pressure respira-

tion system developed by Siegler and Rich (1963b), this sys-
tem could he used to administer inhalation anesthetics to mice.

lnjectabie tanesthetics for mice are usually administered in-

traperitoneally. Many injectable anesthetics, elg., pentobarbi-

tal, fentanyl, and chloral hydrate, are subject to United States

Federal laws and drug enforcement agency regulations regard»

ing storage, records, and disposal.

A. Analgesics, Sedatives, and Other Preanesthetic

Medications

1. Analgesics and Sedatives

Analgesics and sedatives have not been widely used in mice,

although they can be used in combination with other drugs to

produce neuroleptanalgesia (Section l\z’,F}. Dolowy er of.

(1960) administered chlorpromazine prior to pentobarbital in

an effort to reduce postanesthetic mortality. Large doses of

chlorprornazine (?.5»-50 rngtkg intramuscuiarly) were required.

Taber and Irwin (1969) suggested that the dose of chro-

prornaeine should he reduced to 5-10 ingflrg subcutaneously in

order to avoid tissue irritation. Barnes and Eltherington (1964)
list recommended doses for mice of most of the common nan»

quilizers. C. J. Green (1975, 1979) concludes that diazepam at

a dose of 5 nigtkg intraperitoneally is an excellent preanesthe-

tic for mice and it has no effects on the cardiovascular system.

Intraperitoneal injection of diazepam is recommended (C. J.

Green, 1975) despite the fact that this drug is in an oil solution.

Morphine causes stimulation rather than analgesia in the

mouse, especially at doses approaching 100 rngfkg sub-

cutaneously (Chen or n!.. 1966; Lurnb, 1963). Barnes and

Eltherington (1964} list the analgesic dose of morphine for
mice as 7.0 rngtkg subcutaneously.

2. Atropine

Preanesthetic administration of atropine to reduce respiratory

secretions, especially in conjunction with ether anesthesia, has

been advocated by several authors. The recommended dose of

atropine varies from 0.01 mgfrnouse (Sjodin at al., 1963),

0.04 nigtkg subcutaneously (Tarin and Sturdee, l9'?2;

Weisbroth and Fudens, 1972), 1.2 mgfkg intraperitoneally

(Delaney er al., l9?8), to 10-20 mgikg intraperitoneally (Tab-
er and Irwin, 1969).

B. Hypothermia

Hypothermia is an excellent way to induce anesthesia in

neonatal mice. Neonates (3 days of age or less} are removed, a
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few at a time, from the nest, placed in a dry plastic ice cube

tray or on a paper towel and transferred to the freezing corn-

partment of a refrigerator (East and Parrott, 1962; Woolley and

Little, 1945). The cooling time varies between 6 and 12 min.

Anesthesia is complete when respiration is barely perceptible,

response to stimulation is absent, and pink color is lost. The

neonates are then removed from the freezer and placed on a

cold glass plate. The surgical procedure should be completed

within 3 min; repeating the cooling process is not advised.

After surgery is completed, the neonates are revived by warrn—

int them under a lamp and stimulating respiration by gentle

handling. They are returned to the nest as soon as breathing is

regular and pink coloration is restored. Silva and Gras (1939)

compared ether, pentobarbital, and cryoanesthesia (hypothen

mia) in neonatal Swiss mice undergoing thytnectomy. The

percent survival is significantly increased in neonates thyrnec~

tomized under cryoanesthesia compared to neonates thyn1ec-

tornized under ether or pentobarbital anesthesia. in additioni

they reported increased survival of cryoanesthetized neonates

whose dams were anesthetized with pentoharbital during

postoperative recovery of neonates compared to neonates re-
turned to unanesthetized dams.

C. Local Anesthetics

Locai anesthetics are not widely used in mice. Lidocaine

hydrochloride (0.05 ml of 2% solution) injected into the base

of the tail near the coccygeal nerves has been used to reliexte

pain associated with excision of tail tendon fibers (ldarrison

and Archer, 1978). The dosage is equivalent to approximately

1 mg per mouse. The intraperitoneal lethal dose that kiils 50%

of the mice (LD50) for lidocaine is 133 nigikg or approximately
31.9 mg per mouse (DeJong and Bonin, 1980). The sub-

cutaneous LD50 is expected to be several-fold higher because

of slower systemic absorption (Lnrnb, 1963). Galloway {£968}

injected procaine hydrochloride into mice and found that I0

mgfrnouse intramuscularly killed 90% of the mice within 15

min, 5 mgtinouse killed 50% of the mice, 2.5 mg and 1.0 nigt

mouse killed one of ten and none of ten mice, respectively.

Similar doses of procaine administered as procaine penicillin G

did not kill any of the mice.

£1. Inhalant Anesthetics

1. Carbon Dioxide

Carbon dioxide narcosis provides sedation and analgesia for

short procedures of 1-2 min duration (Abel and Battling,

19?8; Green, 19’?9; Taber and Erwin, 1969). Carbon dioxide is

administered by placing the mouse in a jar filled with carbon
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dioxide. Although it is difficult to control the depth of narcosis

and some anesthetic deaths occurred using 100% C02, C02 is

a good anesthetic for orbital sinus bleeding. The I : 1 CO3 : O3

rnixture advocated by Fowler er of. (1980) may be a better

choice, even though slightly more elaborate equipment is re-‘

quired. Rats undergoing CO2 anesthesia struggled less, even

though induction was slower. than rats undergoing ether anes-

thesia. Packed cell volume, urea, prothrombin, alanine ami-

notransferase activity, and plasma glucose were compared in

rats under CO; or ether anesthesia. Only plasma glucose was

altered (Fowler er a?., 1980). Similar comparisons for mice are

not available. Carbon dioxide would not be an acceptable anes-

thetic if blood gas measurements are needed.

2. Chloroform

Chloroform, a volatile liquid, is contraindicated for anesthe-

sia of mice because of the rnarl<ed, often fatal, liver and kidney

damage exhibited by certain strains of mice and potential haz-

ards to personnel. Susceptible male strains have been found

dead after accidental exposure to very small amounts of chlo-

roform (Deringer er al., i953; Dunn, 19493). Susceptible
strains include DBAXZI and C3H.fHe}; resistant strains include

CS'}’BLt6J, C57BLz‘63l\l, and BN. Hybrids between susceptible

and resistant strains fall midway between the parental strains
(Vesell er e:rl., 1976}.

3. Enflurane (2-Cliloro-1,1,2,-trifluroethyldiflurornethyl
Ether)

Baden at of. (1980) studied that effects of exposure of Swiss

ICR mice to 0.3% enflurane vapor for 4 hrfday, 5 daysrweelc

for 32 weeks. Exposed males had greater lymphocyte counts

and lower reticulocyte counts; however, this difference was

not considered to be biologically significant. Other blood cell

counts were not significantly altered. Exposed mice weighed

about 5% less than control mice. Chronic exposure to doses

above 0.3% resulted in marked weight loss or death. Green

(19339) reported variable results using enflurane to anesthetize
mice.

4. Ether (methyl or Ethyl Ether)

Ether is a colorless, highly volatile, highly explosive, flam-

mable liquid. it has a characteristic pungent odor and an irritat-

ing vapor (Lamb, 1963). Despite these disadvantages, it has

been commonly used as an anesthetic for mice because of its

ease of administration, rapid induction and recovery times,

wide margin of safety, and low cost (Taber and Irwin, 1969).

Ether is typically delivered via a jar or open container system

{see Fig. 9). Mice should not be allowed to Contact the liquid
ether, since liquid ether on their fur can result in anesthetic
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overdose and death can occur. Ether can also be administered

using an open—drop system. An open-drop system can be made
using a funnel or burette for an ether reservior and a mouse size
face rnaslt made from hardware cloth or the barrel of a 5-H) ml

syringe. One end of the face mask should be covered with

gauze onto which a small amount of ether is constantly dripped

through rubber tubing with an adjustable clamp. The other end

of the face mask remains open and the mouse’s nose is inserted

into this opening. This system permits administration of a con»

stant drip of ether to the face mask. To prevent unnecessary

exposure of personnel and reduce risks of explosion. ether jars

or open-drip systems should be placed in or vented to an explo-
sion proof hood.

Term and Sturdee (l9?2) concluded that ether is unsuitable

because of (I) the risk of explosion, (2) respiratory irritation

and copious secretions that caused airway obstruction and (3)

difficulty maintaining a consistent level of surgical anesthesia.
Atropine sulfate did not completely eliminate problems with

excessive respiratory secretions. in the author’s experience,
ether is the anesthetic of choice for adult obese (notch), adult

diabetic idbfrib), and previously hypophysectomized mice.
Buchsbaum and Buchsbaum (1962) studied the influence of

age upon induction and recovery times of mice. Very young

and very old mice have longer recovery times than middle aged
mice. Ether anesthesia does not alter hematocrit, red or white

blood cell counts or differential cell counts {{3rice, l96<l).

S. Halothane

Halothane is a nonexplosive, nonflammable, volatile liquid

anesthetic (Inimb, i963). However, without a vaporizer, it is

difficult to control anesthesia because small changes in the

concentration of halothane produce large changes in depth of

anesthesia. Dudley at (:1. (i975) and Smith at at‘. (l9’?3) de-

signed a nonrebreathing semi~closed vaporizer system for ad-

rninistering halothane to mice. As with ether, these systems

should be used in a fume hood or fitted with scavenging de-

vices. Tar-in and Sturdee (1933) concluded that halothane was

not a good choice for anesthetizing mice because the margin

between surgical anesthesia and anesthetic overdose was

small, even if a second person acted as an anesthetist. Hagen

and Hagen (1964) also reported problems controlling the depth

of halothane anesthesia in mice. However, postoperative sur-
vival after halothane anesthesia is excellent (Tarin and

Sturdee, l9?2). In addition halothane does not inhibit

gonadotropin—induccd ovulation of immature mice (Bell et af.,
1971).

6. Methoxyflurane

ivlethoxyflurane is a volatile and nonexplosive liquid at room
temperature (Lumb, i963). Surgical anesthesia can be induced
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by a beaker with a wick {Greene and Peder, 1968) or bubhlers

made from common laboratory glassware (Hagen and Hagen.

i964; "farm and Sturdee, 1912); methoxyflurane should be

used in a fume hood or the vaporizing system should be fitted

with scavenging devices. Tarin and Sturdee (1972) cited sever-

al advantages for rnethoxyflurane: (l) surgical anesthesia is

easy to maintain, (2) level of anesthesia is easily assessed by

toe pinch or counting respiratory rate, and (3) postoperative

survival is high. Induction and recovery times are relatively

long, however, l0-20 min depending upon the length and

concentration of exposure {Hagen and Hagen, i964; Tarin and

Sturdee, 1972). The long induction and recovery period can be

an advantage if experimental protocols require anesthetizing
several mice at once and then removing them from the anes-

thetic system for short procedures. Wharton at al. (1980) stud-

ied the teratogenic effects of chronic exposure to trace, sub-

anesthetic, and anesthetic doses of methoxyflurane. Chronic

exposure to an anesthetic concentration (0.2%) results in de-

creased fetal weight, decreased ossification, and delayed renal
maturation of Swiss ICR mice. This fact should be considered

if experimental protocols require repeated anesthesia of preg-
nant mice.

‘Ir’. Nitrous Oxide

Nitrous oxide is a nonexplosive nonirritating gas that is

quickly absorbed and excreted. If administered with sufficient

Oxygen (15% O2) and in 21 high enough concentration (80%

N02), nitrous oxide can be a satisfactory anesthetic for minor

surgery (Lumb, 1963). lvlauderly (1975) anesthetized mice and

other laboratory rodents using a 5% halothane in equal parts

nitrous oxide and oxygen niixtnre. A recent report (Lane at m’.,

i980) indicates that nitrous oxide is fetotoxic and teratogenic
for rats.

E. Injectable Anesthetics

I. Alpliaxoloru»-Alphadolone

Green at :11. ( l9?8) reported that this combination of steroids
provided excellent anesthesia for periods of up to 4 hr when

administered intravenously. The initial dose was 14-20 nigfkg

followed by 4-6 rngfkg at 15 min intervals as needed. Repeat~

ed intravenous injections were made through a lateral tail vein
cannula. Tolerance or cumulative effects have not been ob-

served. The degree of anesthesia is variable when these drugs

are administered intramuscularly at 60--150 mgfkg. Intra-

peritoneal injection of 120 mgfkg produces more consistent

muscle relaxation than intramuscular injection, but this dose

approaches the intraperitoneal LD50 of l80—200 nigfkg. Anal-

gesia is poor following intraperitoneal administration.
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2. Chloral Hydrate

In situations where a prolonged period of deep sedation is

required, chloral hydrate may be a satisfactory anesthetic for

mice. lntraperitoneal chloral hydrate has been used by Corry er
cal. ( i973) and Skoskiewicz of at’. (1973) to anesthetize mice

prior to heart and kidney transplants. Barnes and Eltherington

(1964) recommend 400 mgflrg intraperitoneally. With

C5?BLf6l male mice, a slightly higher dose (480 nigfkg) is

more satisfactory (T. L. Cunliffe-Beamer unpublished obser-

vations}. A fraction of the original dose can be repeated it

prolonged anesthesia is necessary. Adynamic ileus can occur

in the rat following intraperitoneal adniinistration of concen-

trated chloral hydrate solutions (Fleischrnan at at, i977).

3. Pentobarbital Sodium

In mice, pentobarbital is one of the most cornnionly admin-

istered parenteral anesthetics. Recommended doses for intra-

peritoneal administration to postweanling mice vary from 40

mgflcg (Taber and Irwin, l969), SO mgflrg (Westfall at 511.,

1964), 60 nigtkg (Barnes and Eltherington, 1964; Delanoy er

a!., i978), 80 mgfkg (Ferguson, i966) to 85 ingfkg (Falconi

and Rossi, l96-ii; Lostroh and Jordan, 1955). Taber and Irwin

(1969) recornrnend 5 nigfkg intraperitoneally for mice between

1 and 4 days of age. As previously mentioned, many phys-

iological and environmental variables alter sleeptime following

administration of pentobarbital or other barbiturate anesthetics.

The effects of strain, age and sex on barbiturate slceptirncs of
mice are summarized in Table ll. Mice from different strains

differ markedly in their responses to a single injection of a

barbituate anesthetic. Neonatal mice are very susceptible to

barbiturate anesthetics. Seven day’s difference in age can

markedly alter response to barbiturate anesthesia. In general,

male mice remain anesthetized longer than female mice. This

sex dift“erence appears to be dependent upon gonadal steroids.

Commercial solutions of pentobarbital must be diluted be-

fore they can be administered to mice. Dilutions are made witli

sterile saline or water. One part pcntobarbital in a final volume

of eight to ten parts is used when diluting pentobarbital solu-
tions for use in mice. Some authors (Lostroh and Jordan, i955;

Pilgrim, 1969) recommend incorporating propylene glycol and
alcohol in the diluent: Pilgrim’s diluent is steam sterilizable. A

diluent composed of 2 ml propylene glycol, 1 ml ethyl alcohol,

and 6 ml water per milliliter of commercial pentobarbital solu-

tion seems to increase sleeptime of DBAQJ male mice com-

pared to a 1 : 10 dilution of pentobarbital in water. Necropsy of

the mice 30-72 hr after anesthesia revealed that mice receiving

the pentobarbital in the propylene glycol—~alcohol«water di-

luent tended to have greater swelling and congestion in the

abdominal fat than mice receiving pentobarbital in water (T. L.

Cunliffe—Beamer, unpublished observatiotlsl. Green {I979}
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Tethle II

Effect ef Strain, Age, and.Se;-t cm Barbiturate S1-septimes; mt‘ Mice:

Mean

Dose sieeptime
Barbi turate (route) Strain Age Sex {m in) Rcferemte

Pena:-barbital 50 mgfkg Swiss, Webster 9-W12 m()]1t}1§; 5 54‘ ma xxzesgfatg ms mg (1954)
tip} Swiss. Webster‘ 942 months 62 +DES*‘* 33

Swisst Webster 9«I2 mentkts Q 2!. 25
Swiss‘ WEb$(€l' 9-12 months ‘E A’:-TES" 42

Hexobarbitai 125 rngfkg ALEN Mature 6 86, 99 Vesei! (1968)

tip) ALIN Mamsrc ‘$3 58
I3ALB£cAnN Manure c? 46
C3H!HeN Mzittxre cf «'41
CS”:’BLa’6N Mature <37 ‘§‘3

CF39’.-"N Mature 40, 29
CFWIN Mature 9 3 I
DBAEZN Mature 6 S5
NBLIN Mature :3 3'3
N¥3I...?N 2%-‘iafure Q 35
STR.-‘N Mature 5 47

C3117, Mztstire 5 "32
CDF, Mznttxre 5 58
GP Mature 6 42, 34
GP Mature ‘Q 31
NIH Mature 6 37

100 mgflig C§E?BL" 90420 days :5 19 Cat: and Ytiffe (196?)
(ipi C5?P>I.. 90-I20 day:-; 9 estrus 5

CS7BL 90-131) days ‘Q diestrus 10
BALBECJ 90-120 days 6 363
1252;: 904220 days 5 ()2
.Bfi,4E;C} newiztxm 6 iethai
BA Bic} 2 week; :3 36
BA Bic} 3 week -:§ 9
BA,JB!c.I 3: week of 16
BALBICJ 5 week 6 25"‘

S0 mgfkg BA E56,! 1 day 6 43”‘
(ac) BA Bsei 1 week 6 2.3“

BA Bic} 2 week 5 18?‘

129}! 1 day 5 i>é100“
12931 1 week -:5“ 58”’
129211 2 week 5 22”‘

“ Mezms fmnt two cXpCt‘il'1}€i1ES.
5? DES. ziiethyistilbestertyi; TEE, lmiosteruxae.
“ Mice from The Jacksttn Lathnratury. zmbstrain not specified.
9 Mean estimated from bar graph.

recommended that pentobarbitai soiutions be prepared fresh

and not store-:1 fur 1:st'<>i0:1ge<I perioda.

Effects of barbiturates on circulation, respiration, and hepa-

tic and renal function are discussed by Price (19’?i). Uptake

and distribution of raciieactive labeled pentnbarbitai injected

intravenousiy into mice has beet: described by Saubarntann :3?

as’. (l9?4). Bel} at :21’. (19%) repotted that pentobarbital inhib-

ited g0nad()t1'0pit1«intiueed ovulation in immature mice. Ker-

atitis foiiowing administraticm nf pentobarbitai was obseweti

by Kapitm and Barishak (1856). H()we:ver, they concluded that

the keratitis resuiteci fmm corneal dehydratitm and t:'au1n2:dttt‘—

ing anesthesia rather than direct action of the pentobarbitai.

4. ‘1‘ribr0meet§1anei Sczrlution

This drug is the anesthetic of chaise fsiter many p1'0cedLtz'es at

The Jackson Laboratory. The ingredients. 2,2t2—tribrome:etha~
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nol and nrnylene hjrdrnte (?”—nrrryl alcohol} can be obtained

from chemical :~:upplj,r companies, c.g., Aldrich Chemical

Company, Milwaukee. Wisconsiri. A concentrated 66 3/’.i*€3*2=

trihrornoethanol solution is prepared by mixing 2 parts trib-

rornoethanol in 1 part amylene liydrate on a weight basis. This

proportion can be obtained by mixing 25 g tribromoethanol in

15.5 ml arnylene hydrztte (Amylene hydrate weighs less than 1

gfrnl.). Preparation of this stock solution can be facilitated by

immersing the container in warm (less than 40°C) water‘. Prior
to use, the concentrated tribrornoethanol solution is diluted

l:8O to nnrlte a dilution containing 3 1.25% stock solution

{Jones and Krohn, 1960). Concentrated and dilute solutions

should be kept in brown bottles wrapped with elurninuzn foil or
heavy tape and stored ‘n 21 cool place {less than 40°C). 'l"rib~

rornoethanol solution decomposes in the presence of excessive

light and high Cotter‘?-10°C) temperature. The pH of the solution

indicates decontpositio . If pll is below 5, the solution is

decomposed to (lll)1“0II‘I(J€iC€liC aldehyde and hydrobroinic acid

and should be discarde t’Lumb, i963). lo the nnthor’s experi~
cnce, concentrated solu ions are stable for several months, but

diluted solutions decnn pose in 2-3 weeks.
The usual dose of tribrornoethenol solution (used at The

Jackson Laboratory) is 0.2 ml of the 1.25% solntionf 10 g body

weight {160 mg tr*lb‘ot1ioetl1anol{kg} injected inti'aperi~.

tonenlly {Jones and Krohn, 1960}. Anesthesia occurs with-

in 2W5 min, and surgicll anesthesia lasts for lS—20 min. Mice

completely recover in 1-2 hr. Reactions of mice less than

14-16 days of age or of adult lroinozygous diabetic trititdbl or

obese toner») mice to tribroinoethuriol solution are not pre-:lict~

able. Other recommended doses: include 120 mgfkg intra~

venously {Barnes and Eltlieringtnn, l9t3t-l), or 125 rngtkg

(Green, l9'?9}. 250 nigtkg {Barnes and Eltherington, W64}

and 370 nigfltg intre}:1crit0nenlly {Tnrin and Sturdee, W72}.

1n the latter study (T:-trirt and Stttrdee, l9'?2) 35% of the niice

died within 3 months due to intestinal ileos following unspec-

ified surgical procedures and trihrornoetheinol anesthesia. lleus

was attributed to delayed toxicity of the tribrornoethanol so1n«

tion. Similar problems have not been observed when the lower

dosage is used (Jackson Laboratory, unpublished observa-
tions}.

Tribronioethnnol anesthesia reduces blood pressure nnd rcs~

piratory rate. Delayed toxic effects due to renal and hepatic

damage liar-*e been reported following high doses {L.l1ml'.‘},
W63).

F. Neuroleptnnnlgesics

Ncnrolcptannlgesia combines the administration of an anal-

gesic and n tranquilizer or hypotlc agent to induce central

nervous systcrn depression that borders on general nne:~‘.thesia_

Physiological effects of neuroleptannlgcsic agents have been

surnrnarizied by Green et ai. {l081a.bl and C. .1. Green (1935).

TERRIE L. CUNLlFFE~BE:3iMER

L Fentnnyl Alone and in Combination with Other Drugs

Fentnnyl alone produces niorphinc-like effects in mice, i.<-2.,

tremors and exaggerated response to noise (Green er al,
198113). Lewis and Jennings (19"lZ) reported that doses of

0.002 or 0.005 mltg intramuscularly of a fentanj~;l—droperidol
combination (10% solution of IIEIEOWELI‘-VET, Pittinnn~Moore)

produces satisfactory anesthesia for skin grafting or splenec—

tomizing mice, respectively. Walden (l9?8) also reported

good results using fentanyl-droperidol as a sedative. Higher‘

doses (0.00»’t—-01306 nilltg) are required to anesthetize inbred

mice for skin grafting and the mice remained sensitive to noise

(T. . Cunliffc-Benrner, unpublished observation). C. J.

Green (1935, l9’?9} reported that fentnnyl-tlnenisone produced

lryoe1‘esthesia in mice. However, fentan§,r1~fluanisone sub-

cutareously or intraperitoneally combined with rliazepem, 5

rngfltg lntraneritoneally, produced satisfactory surgical sites»
thesia for 60 min ((3. 3’. Green, 1975). Green er en’. (198113)

recertly reported that ft combination of 60 rngtkg tnetnmidate

and 0.06 tngfkg fentanyl injected subcutaneously produced

surgical anesthesia for about 60 min. lntraperitoneal injection

of di ferent ratios of the tttetornidatewfentanyl combination did

not produce reliable anesthesia or was lethal. They also tested

3 co ibination of 18 nigfltg eton1iclnte:0.08 riiglkg fentanjgl
nnd found it was ineffective when administered sub-

cutaneously and produced only Z0~25 min anesthesia when

adrninistcretl intr:-.rper‘itonenll§r. Metomidnte (50 nigfltgl or

etomidntc (24 or 30 rngfkg) administered intraperitonenlly

without fentanyl produced surgical anesthesia of relatively
short tluration r(lO—l5 min} (Gomwallt and Ncaling, 1981:

Green er rri., 1981b).

2. Ketumine Alone and in Combination with Other Drugs

Ketatnine alone, 44 mgfkg intraniuscularly, was reported by

Weisbroth and Fudens (l9'?2} to produce 10-15 min surgical

anesthesia after a SW10 min induction period. C. J. Green
{l9’l‘S, 19??) and Green et at’. (198121) state that ketarnirie

produced sedation but not analgesia even at doses approaching

200»~3«{l0 nlgfkg. McCarthy 6: rt}. (1965) and Chen er of.

(1966) reported xrtrryting results (restlessness, ataxia, stimula-

tion, or anesthesia} following intrnperiloneul arlrninistrati(;rn of

ketamine. The results appear to be dose dependent. Since none

of the authors indicated the age, sex, or strain of the mice
rested, one must conclude that there is wide disparity among
responses of mice to ketarnine. ‘

Mulder‘ (l9't‘8} anesthetized mice using a l(€taIt‘,tii‘$6 hydro-
chloride nnd proiriztzine C<)t‘I1l)lflaIi<Z)l’1 (Ketaset Plus, Bristol

Laboratories} given at 100 rngfltg (by ltetamine content) intra-

inL1scula1'ly. He concluded il}iS¢CCJI‘fll)l[12i{l0l'I with an effective

anestlietic for mice. Mulder‘ and l’*¢'lLll-Cit?!‘ (l9?'9} reported ti
combination of 50 rngfkg ketarnine and S0 nigiltg xjglazine
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given inti'aittusculariy produced satisfactory anesthesia of vari-

able length. in contrast, Green at at’. C l98la) reported tliat,80

ingfitg leetamine and re mgllrg xyiazine injected intraw

peritoneally produced excellent zsedation and relaxation but in~

sufficient analgesia to permit surgei'§;. “l‘l1ey also indicated that
a ketamine-wliazeparn combination was not an effective new

roleptanalgesic for mice.

VII. SURGICAL FROCEDURES

A. Basic Techniques

Many surgical procedures developed for rats, cats, or dogs

can be adapted for mice using microsurgery, oplithalmologic

or watchmal«ter’s insttttrnents, and opltthalmologic suture. A

binocular dissecting microscope with good depth of field. at

least a 5-inch working distance, and uniform illumination is

necessary for certain procedures, e.g., hypophysectonty. Mi»

croscopes designed for industrial qoaiity control exarninationis
usually laclc the depth of field and worlting distance necessary‘

for surgical procedures.

A basic surgical pack for abdominal surgery in mice should

include the following.

I. A pair of mlcrodissecting thumb forceps and a pair 0'

sharp-sltarp microdisseeting scissors that are used to irtcise the
skin.

2. A pair of microdissecting thumb forceps and a pair o’

sharp~altarp or blunt-sharp niicrodissseeting scissors that are
used to incise subcutaneous tissues and the abdominal wall.

3. One or two pairs of inicrodissecting thumb forceps, one 0

two pair of curved or straight watchinaltefs forceps and a pal

of iris or cataract scissors for manipulation and incision of
abdominal viscera.

4. Small pieces of Gelfoam (absorbent surgical sponge) 0‘
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Flat bladed fO0ll‘!pi(Il<ZS wrapped with surgical cotton to control

hemorrhage (Fig. 10).

5. Size rl~O to 6-0 suture for ligature of vessels and closure

of aiadorninul and skin incisions. Alternatively. wound clips

may be used to suture the skin. If nonabsort:+able sutures, e. g.,

silk or cotton, are used to ligate blood vessels or suture the

abdominal wall, aseptic technique must be observed in order to

prevent suture granulotnas. Oplitlialinologic sutures with pre-
attached needles save time and reduce tissue trauma.

6. Baby Derf, Castroviejo, or Noyes needle holder.

‘Ii. Paper clip retractors or eyelid I'€3Ii”E1(:EC1f1-3 for retraction of

abdominal walls or viscera (Fig. 10}.

8. Surgical drapes made from autoelatrable plastic bags, dis~

posable drapes designed for human or veterinary use. or cotton

clotlt. Drapes are optional during short procedures, such as

castration, but are recommended for prolonged procedures that

require 63<.lF3I‘i01‘iZatiOt} of tlie viscera or those procedures; being
performed on imtnune~suppressed mice.

Surgical instrurnents are steal it sterilized {I5 lit: , 250°F. 15

min). Delicate points of scissors or watcltmaicefs forceps

should be protected by small

tubing. lf etltjrlene oxide steril

pieces of autoclavable rubber

nation is used. the pack should

stand for a few days to be certain residual ethylene oxide has

dissipated. If clnernical sterilize ion is gerrnicides, e.g., alcohol

or Zepltirztn Chloride, are used, instruments should be phys-

ically clean before Soaking for
iinsetl in sterile saline or watt:

at least l5 min and should be

' bcfr)t'e use to minimize irt‘ita~

tion of tissues by residual gerrnicsidc. Germicitilul solutions

should be replaced frequently

tion. Long-tern: storage of inst
should be avoided in order to

cutting surfaces. Dry heat (35

o prevent l:-acterial contarnina

uments in gerrnicidal solutions

prevent rusting or damage to
“F, 1 hr} can also be used to

sterilize surgical packs. After surgery, delicate instruments

should be cleaned with a tootltbruslt, mild soap, and warnt
water.

Mouse surgery does not require cap, mask. gown and an

 
Fig. 39. Paper clip retractors and toothpiel; swabs. {fit} Acute angle paper clip retraetors for retraction of abdominal muscles. (B) Right angle paper clip

retractor for retraction of abdontinai viscera. {C} 'l"or:«tEtpic1< swabs used for direct ;:»:‘cssurc iieriiostasis.
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operating suite. but nnsterile instruments, litilurc to decontami-

nate skin. and bareharidetl handling of viscera are unaccept-

able. Tissues should be handled with the tips of sterile instru-

ments, using a “no touch” technique. This means that

inouseis tissues are handled with the tips of sterile instruments

only and that the surgeon picks up instruments by the handles

only and does not touch the tips. If it is necessary to handle

internal organs by hand, sterile surgical gloves are ntandatory.

E,xpet‘inieittal results should not be compromised by prevent-

able postsurgical bacterial infections. in the author’s experi-

ence, the procedures outlined below when combined with im-

proved presurgical decontamination of skin and elimination of

silk. iigatures increased the rate of successful ovarian trans-

plants in Jackson Laboratory Animal Resources mutant pro-

duction colonies from approximately 25% to E>5—'?Cl‘§7¢':.

l. Assigri surgical instruinents to a particular task, e.g., skin

incisions, and use them only for the specific task.

2. A.t'ratige instruments on a sterile surface. in order to use.

with handles pointing in the same direction.

3. Cover the tips of instruments with a piece of sterile drape

when they are not in use.

4. Between each surgical procedure, remove blood from tips

of instruments using ?l}§3i: alcohol and at sterile gauze sponge or

cotton ball. Whenever possible, change instrument packs be-
tween cages of mice.

5. Use a nowouch technique. Do not touch viscera or tips of

sterile instruments with ungloved ban-zls.

Regardless of the surgical procedure to be undertalcen, hair
around the incision site is reniouecl and the skin decontami-

nated with swabs soaked in ?O‘?t’:: alcohol, mild tincture of

iodine, or berizalkoniurn chloride. Decontamination of the skin

begins at the incision site and eittends in u.-'ldening. circles.

Pluclring the hair may leave a few hairs shafts attached to the

skin; but, clippers often nick the skin and leave small pieces of

loose hair that are difficult to remove and tend to migrate into

abdominal incisions. Depilaiories rnay he used to denude large

areas of skin. The mouse is anesthetized 1-2 days prior to

surgergr and the depilatory is applied according to the mantifac—

turefs instructions; then the depilatory is rinsed off and the

rnouse’s skin is dried. Use of depilatories increases technician

time and causes adclitional stress to the mouse, but large areas

of skin can be denudecl using this method.

Mouse skin and abdominal muscles are thin and fragile com-

pared to other species and cut edges tend to curl under during the

suturing process. In the nuthor‘s experiens::e interrupted hori-

zontal mattress sutures or simple interrupted sutures are pre-

ferred suture patterns for mouse skin or abdominal muscles

because they niinirnize inversion of the skin or peritoneal edges.

Optimal healing of skin and abdominal wall requires contact

between each dermal surliaee of the skin or peritoneal surface of

the abdominal wall and separate closure of the incisions in the
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skin and abdominal muscles. Small (1-3 min) incisions in the
dorsal abdominal wall near the lumbar muscles need not be

sutured provided the skin incision is not directly over the inci-

sion in the abdominal wall. If wound clips are used, care must

be taken to euert, not invert, the edges of the skin.

To aid the reader to visualize descriptions of surgical pro-

cedures, the following pairs of definitions liaise been included:

l. Dorsal—located near the back of the mouse; ventral-

located near the belly.
2. Medial—located near the central axis of the mousefs

body; lateral—located away from the central axis, toward the
side.

3. Cranialwlocated toward the head; cauclal—located to-
ward the tail.

4. Distal ~~~~~~~~«located away from the center of the body; proxi-

tnal—-locaterl closer to the center of the body.

For further clarification of anatomical details, Cool<'s draw-

ings of anatornical dissections should be consulted (Cook,

1965; Cook, Chapter 7*’. this volume).

B. Adrenalectomy

The adrenal glands are located on either side of the midline

near the kidneys. Accessory adrenal nodules may be located

along the uena cava or renal vessels. The number and exact

location of accessory adrenal modules varies with strain, age,

and sex tffoupland, léltiiil; llunimel, i958). Adrenalectoniy of

female mice can be expected to obliterate cyclic leukocyte
fluctuations associated with estrus and alter relative distribu-

tions of different leuleocytes in both male and female mice

{Chaprnam i968}.

The adrenalectomy procedure for rats described by Grollrnan

(1941) or Liaurado (1958) utilizing a single dorsal midlumbar

skin incision and bilateral lateral incisions through the abdomi-

nal muscles cranial to the kidneys can be adapted to mice. The

adrenals are exteriorized, one at 2: time, by grasping the per-

iadrenal fat and mesenteric attachment. The adrenal glands are

excised after the blood vessels are occluded and torn using

watehmakers or thumb forceps. lf necessary, incisions in the

abdominal muscles are closed with a single suture. The skin

incision is closed with a wound clip or interrupted sutures.

This procedure rninirnizes manipulation of abdominal viscera;

but, does not permit visualization of accessory adrenal
nodules.

An alternative adrenalectomy procedure utilizes a ntidventral

abdominal sl-(in incision through the line alias and lateral retrac-

tion of the intestines to expose the kidneys and associated

adrenals. Adrenal vessels are torn or ligated with 5-0 suture.

The abdominal approach requires more time, but accessory

adrenal nodules can be easily observed and excised.
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Artificial Insemination

Lightly etherizetl or nnanesthetizecl I’€SlI‘EtiI'IrE:€l esttoue female

nice can he insetninatetl using a transeervieal approach (Snell

et all, 1944; Southa1'tietcz{., l965; West et::tl’., l‘)’??}. Laparo~’

tomy and insemination diz'et.:tl};' into uterine horns has also been

eported {Woll‘e. 1963). Sperm numbers rnarltedly influence

conception rate and litter size {Takeshlma and Toyoda. 19?? ).

Higher conception rates have been otsservecl in females insemi-

ated between 9:00 PM to l2:{ltl midnight, neat‘ the time that

"rating would usually occur (Int). 1961}. After insettninzttion.
the female mous;e is mated to a ‘szaseetomizettl male or the

vagina is dilated with a Cotton plug in order to simulate mating
Leekie es‘ (3., l9?3; West es 533., l9'??}. Certain anesthetics,

such as barhittn‘ates, inhibit ovulation {Bell et ail, l9?l} and

may, therefore, cause marketl reduction in conception rates.

I). Emliryos and Embryo Transplants

Two- to eightazell embryos; can he collected using teelmiquee
similar to those for ova collation (Section lV.l). Motulae (60

hr after fertilization) have migrated into the uterus; therefore,
uterine horns and oviduct must he excised and t'lus.hed if mor~

ulae or lC)lEiSl(}C}’SL‘~1 are to he reeove1'etl {Snell and Stevene.

l9?5}. Preitnplantalion EI”t1bl"}’<.)S ean be tranzsplantetl into

pseudopregnant female mice by transeerv'eal inoculation

(Beatty, 1951; Corbeil at (12,. l9'?8: Marsh and Lamsont l9?4;

lvloler e: mi, 1939) or by laparotoniy and lntrz‘ uterine inocula-

tion (Feltete and Little, lE‘t42l. Pseuclopregnent female mice

are preparetl by mating estretas females to a xrasectomizett male

2-3 days prior to embryo transplant. The use of the “pregnant

empty uterus" (ligated ute:‘o«o\!i«:luet junction has been advo-

cated by Cheeiu at as’. {l9??}. but results obtained using this

type of recipient do not appear to compensate ‘or the irteteaseel

preparation time.

Transcervieal inoculation of enthryos or ape m is faster than

intrattterine inoculation. and does not reqtlire tmesthezsia unless

the proeeeltne is performed on wild mice. Cervical adlzesions

resultirtg from cervical trattma at the time at" insemination or

embryo tt'anst’er occasionally causes dystoeia. Intrauterine in-

oculation tluring laparototiny eliminates eervicztl trztunta and

assures intrauterine placement of ssperm or ettthtyos: howetser.

anesthetsitt, surgical itistrtititettts. and increased time per female

zneuse are 1"t'3tL]11l1’(2(l.

E. Hepatectolny

The n1ottse‘s litter is tlivitletl into four main lobes, left later-

al, right lateral, median. anal catlclal, each being joined dor-

sally. The right lateral, meclian. and Catttlal lobes may he

42}

further suhtlivicled depending upon sex and strain (Ranch,

U352}. The gall bladcler is located within it deep bifurcation of

the tnetlian lobe {llummel at m‘., l9?S}. ln partial hepatee~

tomy. a ventral miclline skin and ahdomi tal incision is made

(Feigelson at at’, l958}. "She ventral hepatic mesententt is see»

erect and then the left lateral. left median and tight median

lobes are ligated separately, taking. hate to preserve the gall

blacltler anti hilary duets. Ligating these lobes of the liver with

a single ligature results in a high mo1'tal'tj; rate. presLtn1al:oly

due to «:lisruption of the bile duets. Liver biopsies can be oh-

taihed by ligating either the left lateral lobe or the largest of the

right lateral lobes with élw—O ahsorhahle 3 mare and excising a

piece of liver distal to the ligature. Hemorrhage is controlled

ijlj,-' pressing a small piece of Gelloant absorbahle sutgteal

sponge) against the cut surface.

F. Hylzepltyseetnmy

The pituitary {hypohysis} of the mouse rests on the (l()i‘S2tl

:§url’a<:e of the basisphenoiazl bone. The trattshuceal and trans-

’en1poral approaches; for l1§,!popl1y5:ecto1ny of other species

(Mmkowitz er al., l96al} are not adaptable to rate or mice

aeeause of lack of apaee inside the oral cavity, high mortality,

and variable results tsmith, W30). In traneaurienlar hypo»

pltysectomy of mice ancl rats, a modlfierl ltypoclertnie neeclle is

‘nsetted through the auditory canal into the osseus bnlla
tFaleoni and Rossi, 1964}. The medial wall of the osseus hulla

is perl<}z'ated near the occipital sphenoiclal suture and the pitui-

ary gland la aspirated using a water szuction pump. Trans-

aurieular hypopltyseetottty is last; but t.liI‘t:€3l {)l)S;€l‘\?£1El{)I1 of the

oituitary gland is impossible, and laceration of nerves and

[nod vessels in Close proximity to the pitttitatfig is probable.

Pa:'2tpha1'yngeal hypophyseetomy of mice is the nreferrecl ap-

proach and has been tleserihetl, in detail lily Lostrnlt and .lot‘<:laIt

(1953), Nalaaitislti and Nagasawa (l9':’6}. nntl Thomas t 1938).

Parapltaryngeal hypopltyseetoiny of rats as tlesetlbecl by lngle

and Griffith (1949) 0: Smith (1930) is also adaptable to mice.

lit general, drilling 21 CiI‘CL!lEli‘ hole into the {)CClpll():‘~‘.{3l1Cll(}l£l21l

synehontlrosis {Nakattiski and Nagasawa, 19%) to expose the

pituitary gland is more successful than splitting the syn-

ehondrosis {’l‘hon1as:. 1938). Key points to successful hypo

physeetomy of mice, especially very young (15 clays; of age)
and old mice {over 12 months) include: {1} Careful tetractiott of

the salivary glands; to axroid sauhcutaoeous leakage of saliva. ('2)

tracheetomy between the lourth and fifth tracheal rings, (3)

adjusting the size of the dental burr to eortesponrl to the size of

the mouse. and (4) attentive postoperative care tlieamer,

1981). l’0slh}tpoph};secto11t}* Care should include 0.5~«l.O ml

intrapetitonealvor subcutaneous fluids (e.g., pl1}tSi{)l{}giC’c’tl sa-

line} once or twice daily for 2 daye, a warm {’?5°—80°l3} dry

erwitonment, wet mash diet for 2»-3 clays, and l0 tug cortisol
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acetate (Beamer, i981) or 0.25 mg hydrocortisone acetate

(Nakanishi and Nagasawa, I936) immediately postsurgery and
24 hr later. Gastric intubation to adrninister fluids should be

avoided in order to minimize further trauma to parapharyngcal

tissues. Strain differences in recovery after hypophysectomy
should be expected.

G. Hysterectomy and Hysterotomy

The uterus of mice consists of two relatively long lateral

horns and a short body. Hysterectomy (excision of the uterus)

or hysterotorny (caesarian section) are usually performed to

obtain fetuses for research or to eliminate rnicroorganisms that

are unable to cross the placental barrier. if hysterectoinies are

performed to obtain germfrce mice, strict attention to aseptic

technique is mandatory, and culture of the uterus and placenta

is indicated. At the Jackson Laboratory, Posrcitrelln pneu-

zrtonropica, Protects spp., or Mycoplasma pulmonnr have been

occasionally isolated from uteri that contained viable term

fetuses. The rnicrobiologists performing uterine cultures should

be notified if the uterus has been exposed to disinfec-
tants.

To obtain viable fetuses, surgery must be performed on the

expected day of parturition, and fetuses must be resuscitated

within lllwlfi min. Foster mothers (rnultiparous females, if

available) should have delivered their litters [-4 days prior to

the expected delivery date of hysterectomy candidates. The

Whitten effect (see W. Beamer, this volume, Chapter l0) can

be used to synchronize estrus in groups of potential foster

mothers or hysterectomy candidates. Hysterectomy should be

scheduled for I812? to 20 depending upon the strain. Trial and

error at The Jackson Laboratory has helped in developing the

following “rules of thumb” regarding hysterectomy: C5’?BL

mice are usually scheduled for late afternoon of day l8 or

morning of day 19; BALBK: and C3H mice are scheduled for

middle of day 19; and All mice are scheduled for afternoon of

day l9 or morning of day 20 (the day the seminal plug is

observed being day 0). Parturition can be delayed by sub-

cutaneous injection of progesterone in oil (0.05-0.1. ml, 25

rngfml} during the last 2 or 3 days of gestation. However, in

some strains, administration of progesterone appears to in«

crease the number of stillhirths. Prolongation of gestation for

more than a few hours also appears to markedly increase the

number of stillborn mice. Administration of progesterone

should not be used as a substitute for monitoring fetal devclop~

ment by palpation.

In the author’s experience, known breeding dates combined

with knowledge of the usual gestation period for a specific

strain maximizes the chance of obtaining viable fetuses. Lacta-

tion delays implantation for variable lengths of time; therefore,

nursing females are not good hysterectomy or foster mother
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candidates unless one is very skilled at estimating fetal devel-

opment using abdominal palpation and other signs. The head

of a term fetus feels distinct, firm, and round; the body of a

term fetus feels elongated, and the rump is palpable. Move-

ment of term fetuses and descent of pups into the pelvic inlet

can be observed by restraining the pregnant female as if an

intraperitoneal injection is being made. Fetal movement and

descent indicate parturition within 12 hr. Vulvat‘ relaxation, a

slight mucous vaginal discharge, prominent nipples, and dis»

tended rnammae indicate parturition within 12 to 36 hr.

Hysterectomy and resuscitation of newborn are described in

the following paragraphs. The gravid female is killed by cervi-

cal dislocation, dipped in disinfectant, and placed in dorsal

recumbancy on a cor}: board. A paramedian shin incision is

made from the pelvis to the thoracic inlet using sterile forceps

and scissors, taking care not to puncture the muscle layers. The

skin is dissected away from the muscles and reflected laterally;

the incision is extended along the legs. The instruments used

for cutting the skin are discarded, and the skin is pinned to the

cork board. A sterile drape with a l-2 inch slit in the center is

placed over the abdomen with the slit on the midline and

parallel to the vertebral column. A second set of instruments is

used to incise the linea alba, taking care not to puncture the

uterus or the intestinal tract. Sterile forceps are used to clamp

the drape to the abdominal wall. To reduce the possibility of

uterine rupture, the uterus is grasped between fetuses with

dissecting forceps and gently pulled through the abdominal

incision, or scooped from the abdomen using the broad end of

a scalpel handle. The ovarian and uterine attachrnents are torn

using two pair of forceps and the uterus is rolled toward the

tail. The uterus is ligated cranial to the cervix and the body of

the uterus is severed between the ligature and the cervix. The

pregnant uterus is placed in a dry sterile container or a dip tank

containing warm disinfectant.

Fetal resuscitation is performed under a lamp with a ?5~‘3r‘

bulb or on a warm surface in order to prevent chilling of the

neonates. The gravid uterus is carefully incised on the antimo-

sentcric side. The fetuses and placenta are separated from the

uterus using gauze sponges, swabs, and forceps. The umbilical

cords are left attached to the pups until the blood empties from

the cord. The pups are gently rolled and massaged with

sponges or swabs until they are pink in color and breathing

normally. Piiicliirig the tall with forceps and extending the

head stimulate respiration. The foster mother is removed from

her cage while all or part of her litter is removed, and the

hysterectorny~derived litter is placed in her nest. If the hys-

terectorny«det*ived litter contains only a few pups, two to four

of the foster tnother’s litter are identified by toe or tail clips or
future coat color and left in the cage to assure adequate suck-

ling to maintain lactation. Ether or cheap cologne can be

placed on the dam and litter to mask human scent, but minimal

handling and wearing plastic gloves are preferable.
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If the pregnant female mouse is too valuable to loll, the

author has performed hysterotoinies using modifications of the

technique for canine hysterotoiny described by Smith U965).

The timed pregnant female mice are anestlietized using meth-

oxy*fliti'ane and prepared for abdominal surgery including drap-

ing the abdomen prior to incising the skin. A ventral midline

skin incision is made from pubic symphysis to xyphoid car-

tilage. A second pair of forceps and scissors are used to incise

the linea alba, and the gravid uterus is gently elevated from the

abdominal cavity as described above. One or two incisions are
made in the antimesenteric side of each uterine horn. Fetuses

are delivered through these incisions using gentle manipulation
of the uterine walls. Uterine incisions are sutured with 6-0 to

9-0 absorbable suture in an inverting continuous horizontal

mattress suture (Cushing’s pattern). The linea alba and skin

incisions are sutured with 5-0 suture using an interrupted

pattern. Fetal viability is poor, probably as a result of respira-

tory depression due to mcthoxyllurane: however, the valuable

dams recover uneventfully.

H. Isolated Intestinal Loops

The ligated mouse intestinal loop was first developed as an in

vino assay for enterotoxins (Punyaslithiti and Finltelstcin,

l97l; Schiff at 511.. i974). However, this procedure can be

adapted for acute radioisotope absorption studies (Beamer,
1981). The mouse is fasted for 8 to I4 hr and anesthetized. The

abdominal viscera are exposed through a ventral midline inci-

sion; the duodenum and jejunum are then exteriorized. Begin-

ning 8 cm from the pyloric sphincter, two 6-cm loops, sepa-

rated by 21 1-cm interloop, are formed by ligating the intestine

with 5-0 silk sutures. To assure viable intestinal mucosa, liga-
tures must not occlude the mesenteric blood vessels. Test sub-

stances are then injected into the loops. ‘

I. Lymphnodectomy

Location and drainage areas of visceral and superficial

lymph nodes are described by Kawashima er rd. {l9(3-fl}. Excis-

ion of the axillary nodes of mice is described by Cicciarclli at

at’. (19379). and Sakita er rd. (l9?9) described regional

lyinphnodectorny. To excise superficial lymph nodes, such as,

axillary, popliteal, external sacral, superficial cervical, rnedial
and lateral mandibular, a transverse skin incision is made over

the lymph n0de(s) and the node(s) is exposed by blunt dissec-

tion. Many visceral lymph nodes are closely associated with

major blood vessels, such as the portal vein, vena cairn, or

aorta. Excision of visceral lyinplt nodes requires laporotomy

{or thoracotomy) and careful dissection in order to separaterthc

lymph node from associated blood vessels.
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J. Mammary Gland Excision and Transplant

Female mice usually have five pairs of rnaminae, three on

the thorax and two on the abdomen, extending laterally along

the flank, neck, and scapular muscles {Hummel at all, l9?5).

Excision of all mammary tissue requires extensive careful dis-

section of skin and subcutaneous tissues. Dux (1962) presents

a detailed description of total mammectorny in l9- to 23-day-

old mice. Fekete (1.939) undertook total niarnrnectorny in 10-

day-old mice; mortality was high and ablation of the caudal

pairs of niainrnae was difficult. Partial mammectomy of 3-

weel<—old mice and transplantation of hyperplastic mammary

nodules or normal marnmary tissue into the resulting gland-

free fat pad have been described in detail by Deflime er of.
(1959) and the staff of the Cancer Research Genetics Laborato-

ry, University of California (1963). Transplantation of whole

mammary glands was described by Thompson (1963).

K. Miscellaneous Transplant Techniques

Endocrine glands can he transplai ted to a variety of sites;

subcutaneous, intraocular, intraperitoneal, or under the cap-

sules of the spleen, kidney, or testic e. Selection of the recip-

ient site marlteclly influences apparent or real function of the

transplanted tissue. Subcutaneous thymic implants grow slow-

er and show greater thyinocyte deple ion than thjrmic implants

placed under the kidney capsule t‘O’Gara and Ards, i961).

Hormones excreted by transplants laced under the kidney

capsule directly enter the systemic crculation. Hormones ex-

creted hy transplants placed under the splenic capsule enter the

hepatic portal S}’Sl'Cm where they are metabolized by the liver

before entering the systein circulatioi (Krohn, 1963).

Subcutaneous transplant sites include the axilla (Miller,
i960), middorsal or midventral abdomen (Faulkin and De-

Omc, I958), between the scapulae (Vai'iit11n, I981), or car

(l*~zluranyi»Kovacs er at, l977). Small pieces of tissue can be

transplanted under the capsule of the spleen (O’Gara and Ards,

1961) or the ltidney {Talinage and Bart, 1978). The spleen or

kidney are exposed using the same technique described for

splenectomy or nephrectomy. A small nick is made in the

capsule witli sharp scissors, and the transplant is inserted

through the nick and pushed under the capsule using a l8-

gauge trocar or l-min round-tipped glass rod. The transplant is

inserted into the side of the spleen or kidney opposite the blood

vessels to prevent accidental laceration of the vessels. Hemor-

rhage resulting from accidental laceration of the splenic or

renal parenchyrna can be controlled by direct pressure. A simi-

lar technique has been used to transplant fetal genital ridges

under the capsule of the testicle (Stevens, N964).
A technique for ovarian graft into the anterior chamber of the

eye is described by Talamantes or at. (1977). Small pieces of
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tissue can also be injected inti'aperitoncall;t=' where tlicy stihse~

ouently implant on the ahdorninal wall tlllicltcrtnan er rah.
1979b).

{Jrgans can be transplanted if blood supply is pl'6S€I"siE2d.

Corry at of. (1933) described an intraabdominal cardiac trans-
plant. A technique for excision of the middle third of the tibia

and intramedullary pinning of a replacement graft with at 25- to

2?-gauge needle was desicril:ied by llalloran er of. (l9?9}.

L. N€11i1I'€Cf0l11}" and Kidney Transplant

The right kidney is usually larger and more cranially located

than the left kidney (fl-lurnrncl er mi. l9'?S}. The relatively

caudal location of the left l<:idne§; makes it more accessible to

excision through a flank approach. A skin incision is placed

parallel to the last rib beginning niidway between the last rib

and the iliac crest. The lticlney is 0i33€I'\s‘ri2(l through the trans~

parent abdominal wall, and the abdominal wall is incised over

the kidney between segmental vessels. The liidnegs is bluntly

dissected free of the renal fat pad and adrenal gland. A& small

piece of posterior perirenal fat is left attached to the kidney and

serves as a handle. This handle l‘(‘:(llI<.‘CS the possibility of acci-

dental puncture of the kidney or renal vessels during dis-;sec~

tion. The renal vessels are ligated with a single 4-0 to 5-D

ligature and severed. The ureter is either crushed and torn or

ligated, and the kidney is withdt*awn through the incision. The

incisions in the abdominal Willi and skin are sutured sepaiateljz.

This technique was intially described by lngle and Griffith

9639} for the rat. It does not, however, p£3I’tTtil examination of

otli kidneys at the same time. This can he a disadvantage if

e is using strains of mice with it high incidence of hydJ'onc—
hrosis.

An alternatiire approach exposes both kidneys through mid-
li re <.-tentral skin and linea alba incision, The abdominal wall is

retracted using eyclitl retractors or paper clip retractors (Fig.

10}. The colon is picked up and retracted toward the right side

o‘ the abdomen in order to expose the left kidney. The small
i
o

"C3GlZ5“"“‘

testine jejunum is picked up and retractei:l toward the left side

" the alidtimcn in order to expose the right kidney. The de-

sired kidney is dissected free, and its vessels are ligated as

described above. If desired, the left kidney and associated

vessels can he prepared for transplzmtation l:SlCOSl{l<i‘»‘r‘iCZ or tel,

1923). The transplant procedure relocates the left kidney dis-

tally and reestahlishes circulation using aortic and vena caval

patch gral’ts. The ureter is reattaclietl using a blacider patch
graft.

M. Olfactory Bull: Ahlatiori

The paired olfactory bulbs are located within the cranial

cavity anterior to the cerebral hemispheres (Cook, 1965). A

TERRIE L. CUNLIFI*'E»B-EAMER

siinple method for retuoval of the olfsztclory bulbs by suction is

described in detail by Saito and Takahashi (l9??}. lf olfactory

neri.-'e section is desired, the sonic surgical approach can be

used and the olfactory‘ newer are served on the cranial side of

the ethinoid plate using a hjgpodermic needle or rnicrosur‘gei'y

scalpel (Harding and Wright, l9?9). Surgical procedures in the

nasal area should be carefully executed in order to avoid

obstruction of the nasal passages. Nasal obstruction results in

aerophagia that causes changes in blood pressure, heart, and

respiratory rates that may-' result in death. This syndrome can be

avoided if tracheotomy is porforrned prior to nasal obstruction

{Nakajima and "fsuchiya, ll}?-4).

N. Orchidectomy, Testicular Biopsy

The inguinal canals of the male rnottse remain open thi*ough-

out life. "Fherelore. the testicles may he retracted into the ab-

doininal cavity or extended into the scrotal sacs tllurnmel er

oi, l9?5). The €plCli(l}‘ITtal fat pad is well developed and o::«

copies the inguinal canal when the testicles are in the scrotal
SEICS.

Orchideetomy is usually pcifortiied by a s«::rotal route

tlirotigh a single transverse incision across the end of the

scrotum or through two antcrior—posterior incisions parallel to

the median raphe of the S<:l‘0ll}t1I1. The anesthetized mouse is

rcstrztined in a dorsal recumlziant position. Elevating the

rnoui;e's head and body causes the testicles to descend into the

scrotum. The testicles are gently withdrawn through the skin

incision until the sperniatic vessels and vas deferens are ex-

posed. The sperrnatic vessels and vas deferens of young {3— to
3—week~oldl male mice can be crushed, torn, released. and

allowed to retract into the abdominal cavity. A single 44:) or 5~

O ligature around the sperinatie vessels and was deterens of

adult mice may be necessary to prevent excessive hemorrhage.

The epicliclytnal fat ustially herniatos through the incision and

should be completely excised to pimsent 1'ccuri'ent herniation.

Occasionally, a seminal vesicles or loop of intestine herniates

through the inguinal canal. These organs are returned to the

abdomen using a combination of rriantial repulsion and tilting

the niouse’s head clown. Recurrence of this type of hernia is

rare. Small scrotal incisions usiially do not need to he sutured.

O1’{:l}lf_if3ClL)lT3}s' of neonatal rnalc: rnicc can he pct'l’oi'oietl

throttgli a transverse rnidline incision between the umbilicus

and pelvis {East and Parrott, i962}. This approach should he

used to castrate adult male mice with permanently retained
testicles and can he used to castrate normal adult male mice.

However, the abclontinal approach for castration of normal

adult male E‘1’liC£.‘t1‘(3{}i.Jl{‘€§.‘:1 more time because of manipulation of

abdominal viscera and suturing of incisions. '

A method for repeated testicular‘ l}i{)}3Sf,’ obtains tissue

through hypodermic needles of K-’éll”l(}11E; sizes {Martin and Rich-
mond, l9’§2).
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0. Ovarieetomy, Ovarian Traiisplant, and

Ovariohysterectomy

The ovaries, located near the posterolateral pole of the
kidney, are enclosed in thin transparent capsules that lie on the
ovarian fat pads and are attached to the dorsal body wall by the

mesovarian (Huinmel er a!., l975). Ovariectoniy can be per»

formed through a dorsal longitudinal or a transverse midlun1-
bar skin incsion. The skin over the sides of the abdomen is

undermined, allowing shifting of the incision laterally to the

right or left side of the abdomen. in order to expose lumbar and
abdominal auscles. A 3~ to 5~mm incision is made in the

abdominal muscles parallel to segmental blood vessels begin—

ning l or 2 min ventral to the lumbar muscles. The ovarian fat

pad is exterorized by grasping its ventral edge; the ovary is

exposed by rotating the ovarian fat pad 90° toward the back.

The fallopiai tube and ovarian and capsule vessles are crushed

and tom; the ovary is excised using two pairs oi’ v.=atchm‘al<ei"s

forceps. Th's procedure results in minimal blood loss if the

pair of forceps holding the ovarian pedicle is old in place for a

few initiates. After the fat pad is returned to the abdominal
cavity, the incision in the abdominal wall is sutured to elimi—

hate the possibility of postoperative hernia ion of uterus or

intestine. The edges of the shin incision are opposed with

sutures or wound clips. This is a modificatioi of the rat surgi—

cal procedure described by lngle and Griffith {l9—<l9). Small

incisions in the abdominal wall near the lun bar muscles may

be left unsutured with little risk of postopeuative herniation.

Orthotopic ovarian transplant procedures have been de-

scribed by Jones and Krohn H960}, Robeitso {l942a,b}, Rus-
sell and lelurst (l94§), Stevens (1933), and Tanioha er til.

(19233). The illustrations in the articles by Jones and Krohn

(1960) and Tanioka at al. (1978) are especially helpful. The

usual procedure utilized in the Jackson Laboratory‘s Animal

Resources mutant production colonies is to transplant uni~

laterally one-half of an ovary into two hosts, thus one donor

serves four hosts. The donor (SW5 weeks of age} is killed by
cervical dislocation, and the ovaries are excised as described

above. The recipient mouse (5-2? weeks of age) is anesthe-

tized, and one ovary (usually the left) is exposed as previously
described. At this points a semicircular incision is made into

the bursa opposite the oviduct with the edge of the incision

including l—2 min of periovarian fat. The margin of per«

iovarian fat serves as a handle for reflecting the capsule of the

bursa away from the ovary toward the oviduct. The ovarian

vessels are crushed and torn using fine pointed curved vvatcl -

inal«:ei"s forceps. The points of the forceps must be directed

perpendicular to the oviduct to avoid accidently crushing the

oviduct. After the recipient ovary is excised, one-half of a

donor ovary is placed on top of the ovarian vessels that are

compressed by the points of a pair of vvatelirnakerk forceps.

.ri\l‘tei' the ovary is placed on top of the vessels, the forceps are

gently released. If no bleeding is observed, the ovarian capsule
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is returned to its normal position. Bleeding, if observed, is
controlled by removing the ovary and applying direct pressure

with the tip of a cotton—wrapped toothpick. The ovary and

ovarian fat pad are then returned to the abdominal cavity, and

the eontralateral ovary is excised through an incision in the

contralateral abdominal muscles. Mating systems should be

designed so that offspring of the donor and recipient ovaries

can be separated by coat color, because residual pieces of

recipient ovary can hypertophy and function normally.

Ovariohysterectomy is performed through a ventral rnidline

abdominal incision extending from the unihilicus to slightly

anterior to the pubic symphysis. One horn of the uterus is

grasped with a pair of forceps and retracted into the incision to
expose the ovary and utero~ovarian vessels. The ovary is excis~

ed as described above. in young mice these vessels can usually

be crushed and torn with forceps with rniniinal blood loss.

Ligatures may be required in the case of older adult, pregnant

or estrus mice. The other uterine horn and ovary are exposed

and the ovary is excised. The uterine mesentery is torn be-
tween the uterine vessels and the dorsal abdominal wall, and

the uterine horns are rotated toward the tail; this exposes the

uterine body and cervix. The uterine body and associated titer»

ine vessels are ligated with a single suture just cranial to the

cervix. Last, the uterine body and vessels are served leaving

the ligature attached to the uterine pedicle and cervix. The

abdominal wall and skin incisions are sutured separately with
4—{) or 5-0 sutures.

P. Parabiosis

Parabiosis involves the surgical attachment of two animals

with the objective of studying circulation of cells or humoral

factors between the two animals. After anesthetizing the mice,

the left side of one mouse and the right side of the other mouse

are prepared for surgery. Longituclinal skin incisions beginning

0.5-1 cm from the base of the ear, extending across the side of

the neck, dorsal half of the shoulder, thorax, and abdomen and

tcrrninatiiig near the base of the tail are made in the left side of

one mouse and right side of the other mouse. ‘v’entral skin

edges are sutured together beginning in the center of the inci-

sion {Bunster and Meyer, 1933; Finerty, 1952). Next, the cra-
nial and caudal corners of the skin incisions are sutured, and

last the dorsal skin edges are sutured. This procedure involves

careful dorsal—ventral rotation of the pair of mice (l‘vilontgoin-

cry, 1975). Careful placement of the skin incisions is critical to

the successful adaptation of the mice to parabintic life. If the

parabiotic union stops at the shoulders, the mice tend to tear

the ends of the incisions as they struggle to wall< in opposite

directions. Extending the incision to the base of the ear (T. L.

Cunliffe—l3eanier, unpublished obsei'vation), or suturing the

scapulae together with stainless suture (Ebhe er nth, l9'?8}, or

excising the part of the scapular muscles and spine of the
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scapula in order to achieve a bony union of the scapulae

(Montgomery, 1935) prevents this problem. Bbbe at ai. (1978)

also recommend suturing the femurs together in order to in-

crease the physical strength of the parabiotic union.

Variations of this procedure include suturing the intact ab-
dominal walls together or iricising the abdominal walls and

performing a coelioanastomosis (Benson and Abelseth, 1975;

Pope and Murphy, 1960). Coelioanastomosis permits ex—

change of extrayascular fluids between the mice, but hernia»

tion and torsions of the intestines causing death are occasion-

ally observed. The risk of herniation is minimized if the

incisions in the abdominal wall are placed in the dorsal half or

third of the abdomen (T. L. Cunliffe~Bearne_r. unpublished
observation).

In the author’s experiences with parabiosis of small mutant

and normal mice, fewer postsurgical feeding problems or

fights are observed if the heads are positioned nearly opposite

each other. Parahiosis has also been adapted to study cross

innervation between muscles of dystrophic and normal mice

(Douglas, 1972; Montgomery, I975).

Q. Parathyroidectomy

The location of parathyroid glands in mice varies from the

dorsolateral border of the thyroids to the thymic septa; the

number of glands also vary (Hurnrnel at r:i’., l9'?S). Para-

thyroid glands are not easily distinguished from surrounding

tissue except in strains where melanoblasts are found in the

parathyroid glands (Dunn, 194%). For these reasons, surgical

ablation of all parathyroid tissue is difficult, if not impossible.
Partial parathyroiclectomy can be achieved by excising the thy~

roid glands and surrounding tissue.

R. Pinealectomjr

The pineal gland is a small body located on the dorsal surface
of the brain, between the cerebrum and cerebellum, almost

directly under the suture between the parietal and interparietal

bones {Hummel et all, i975}. The technique described by

Andersen and Wolfe (l934) for pinealectotny of young rats can

be adapted for mice. Hata and Kita {l9?8) described in detail

an alternative technique for pinealectomy of mice. In either

case: hemorrhage must be controlled with light pressure and

penetration of the transverse or longitudinal sinuses must be
avoided.

S. Skin Grafts

Billingham (1954) discussed general techniques of mouse

skin grafting. indices of healing, and common pitfalls. Skin
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grafting procedures can be divided into two groups: (1) free

skin grafts to the dorsal or lateral thorax and (2) tail skin grafts.

The biggest challenges in skin grafting mice are keeping the

grafts in place and keeping the mice from rnutilating the grafts.

Billingharn and Medawar {I951} and Bryant and Bernard

(1955) recommended holding the graft in place with pe1pen~

dicular pressure in the form of a petroleum jelly~soal<:ed gauze

covered with adhesive tape or a selfiadhesive crepe rubber

bandage. Conway and Stark (1954) covered their skin grafts

with transparent mica chambers held in place with copper wire
splints. Sedlacek cf of. (197%)) and Seibert and Pollard ( l9?3)

held their grafts in place with collodion and plastic bandages.

Gottfried and Padnos (1959) and Gross er a1. (1960) developed

a technique using Wademai' type skin punch, cellophane tape,

surgical adhesive spray, and a vest. The cellophane tape tech-

nique has the advantage of preventing both the graft and the

recipient site from changing shape. Silmser er al. (1955) made

a rigid chest bandage from an oblong plastic coverslip. Hardin

(I954) sutured his skin grafts in place with 4-0 suture and
covered them with collodion. All of the above individuals were

grafting relatively large pieces of skin (1.0 to 1.5 cm3). Most

of them recormnended the dorsal thorax as a relatively immo-
bile and inaccessible (to the mouse’s teeth) site. Van Es (l9?2)

described a technique for massive skin grafting in rats. Skin

from 20-40% of the body surface was grafted. With rninimal

modification, this technique can be adapted to mice.

Silmser er oi. (1955) demonstrated that skin from the tail can

he successfully transplanted to the body. Bailey and Usama

(1960) described orthotopic tail skin grafting. in this prow

cedure, full thickness pieces of tail skin are excised from the

V€Ill;l‘{1l or dorsal surfaces of the tail using a No. 10 scalpel

blade. liemorrhage, if observed, is controlled by direct pres-

sure with cotton wrapped toothpicks or facial tissue. Skin

grafts are pressed into the raw bed made by the previous excis-

ion and protected with a cover made from a piece of light-

weight glass tubing. The glass tubing is held in place by a

wound clip or masking tape wrapped in the shape of a but-

terfly. The tape was reported to cause fewer problems. Six to

eight grafts can be placed on the dorsal or ventral surfaces of

the tail. Jennings er an’. { l9?2} manufactured a protective de~

vice for tail skin grafts from the cover of a 26-gauge ‘/2-inch

hypodermic needle. Regardless of the size of the skin graft,

site of origin, or method of transplantation, the grafted skin

should be rotated so that the hair regrowth will be in 21 different
direction from the remainder of the hair coat. This method

guarantees identification of long-term grafts between mice
with similar coat colors.

T. Splenectorny

The spleen is located in the left‘ side of the abdomen slightly
caudal to the stomach (Humniel er a!., l975), Splcnectomy of
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the mouse can be perfornieri tlirough 0.5- to I-cm rniclvcntral

skin and linen alba incisions extending from umbilieus tovrarrl

the xiphoid cartilage or through 0.5- to l~cni dorsoventral inci»

sions in the skin and muscles of the upper left abdomen op»

proximately 0.5 cm caudal to the last rib and parallel to seg-

mental vessels. Using the latter approach, the spleen is

observed through the transparent abdominal vvall, and manip-
ulation of abdominal viscera is minimized {Dickerman es‘ mi,

l9’.r‘9a). The spleen is exteriorized by grasping the dorsal end

with smooth-tipped thumb forceps and exerting gentle traction.

The splenic hlootl vessels, located in the mesentery attached to

the medial surface of the spleen, may be ligated with 5-0

sutures prior to lransection with iris scissors {Cicciarelli e: 631.,

l9?9} or grasped with two pairs of fine thumb or mosquito

forceps and crushed and torn one at a time by exerting traction

on the forcep nearest the spleen. The proximal forcep is gently

released after l0~l5 sec. This procedure usually provides ex»
celletil licrnostasis.

Next. the mesentery between groups of splenic blood vessels

is bluntly dissected away from the spleen. After all mesenteric
attachenieuts and blood vessels are severed, the pedicle is re-

turned to the aliriorninal cavity. If necessary, hemorrhage can

be controlled by occluding individual blood vessels with a pair

of forceps or a flat—bladed toothpick wrapped in surgical <:ot~

ton. Abdominal and skin incisions are sutured separately using

a single horirzontal mattress suture or several interrupted su-

tures. Neontal splenectomy was described by Haller (1964).

Genetic splenectorny was reported as 61 result of actions of the

gene, dominant hemimelia (gene symbol Dis) {Searle, 1959).

llowever, this pleiotropliic gene also causes rnalforrnatlons of

the skeletal and digestive systems. Cheniical splenectorny has

also been reported {Fiala and Cinatl. l9"38).

U. Thymectomy and Thoractomy

The thymus consists of two separate asymmetric glands lo»

cated within the mediastinum (Siegler and Rich, l963a). The

mediastinal fascia and associatcrl pleura usually completely

separate the lungs and isolate the heart, thymus. and associated

mediastinal lymph nodes. Therefore, it is possible to thyme(:-

toinize a mouse without inducing pneunioilnnax long the
rnedlastinal fascia remains intact.

'l‘v~.~'o surgical techniques have been developed for tliynieo

{only of postweanling mice. One approach utilizes a longitudi~

nal rniciline incision extending from the angle of the mandible
to the level of the second» or fourth rib (Gross, l959; Miller‘,

l960; Sjéitlin at m’., i963; Wekslcr at 5:3,, l9'?4). Descriptions

of the surgical procedures are especially complete in articles by

Gross (1959) and Sjéidin at an’. (l963). The subrnaxillary sali-

vary glands are retracted anteriorly, and the sternothyroid mus»

cles are separated to expose the trachea and nianubriuru. The

manubrium and first two or three stcrnabrae are incised longi-
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tuclinally using n1ic1*odissecting scissors. The points of the :scis~
sors “oust be directed toxvard the sternum in order to avoid

accidental puncture of the heart and great vessels. The thymus

glancs are removed one lobe at a time by suction through a

2.2-rnrn glass cannula. lnjury to the adjacent yagus and recur-

rent aryngeal nerves should be avoided. Wound closure is

accomplished by securing the edges of the skin with sutures or

wound clips. This technique permits direct observation of the

thym s.

on alternative technique (Lorie er mi. 19??) uses a similar

niiclline longitudinal slrin incision and blunt dissection of the

f3.S!L‘l<. and muscles over the trachea. At this point. the ster-

nothyroid muscle is incised on the midline and retracted latcr~

ally to expose the trachea. Elevating the operating table facili-
tates observation of the lI1f3£llr’:lSll!1LltT1 and manubriurn. The

manubrium is elevated using curved microdissecting forceps

until the thymus glands are visible. The thymus glands are

aspirated. and the skin incision is sutured with 5-0 suture.

Newborn mice can he thymectornized through a transverse

incision made through the sternum between the second and

third ribs {East and Parrott, l9o2}, or tlnrough a midline longi~

tudinal incision extending from the angle of the mandible to

the fourth rib including incision of the manubrium {Sfiidin es‘

523., i963). The thymus is exposed hy careful blunt dissection

and aspirated through a 1.0-mm diameter glass cannula. Skin

incisions are closed with a spray on plastic wound dressing or a

single suture.

Thoracotomy to expose lungs or other structures within the

pleural cavities requires artificial respiration. A simple positive

pressure artificial respiration device for mice and an approach

to thoracotoniy are dci:.cribc»:l lily Sieglcr and Rich (l9¢‘i3h).

V. 'l‘hyroidectorny

The thyroid gland of the mouse consists of two lateral lobes

that are usually located under the cervical rnuscles, alongside

the trachea, between the cricoid cartilage and the first four

tracheal rings. Howeyer, the exact location of the thyroid is

subject to individual variation tllummel es mi. l9}’5). Thy~

roidectomy ofvthe mouse is accomplished by surgical excision
or acltninistration of radioactive iodine (Gorbman, 1950). To

excise the thyroid gland, the anestlietixed mouse is placed in a

dorsal recurnbant position with head extended. The head is

extended by looping a rubber band around the upper incisors

and securing the rubber band to a corlt board. The ventral

surface of the neck is prepared for surgery, and a ventral mid«

line skin incision is made over the trachea, extending from the

level of the salivary glands caudally toward the manubrium.

The fascia of the longitudinal cervical muscles overlying the

trachea is bluntly dissected on the midline and retracted later~

ally in order to visualize the lateral lobes of the thyroid. Thy»

roid vessels are crushed and torn with finepointed forceps as
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the g and is gently dissected free of its attachincnts. The recur-

rent laryitgeal nerves must be identified and kept intact during

dissection. After excision of the gland. the edges of the cervi-

cal n uscle are opposed, but not sutured. ’lThe.sl<:in incision is

closed with 21 wound clip or one or two suturesfThi:~: technique
is similar to that described for the rat (logic and Griffith,

1949 . Thyroiriectomy in the mouse usually results in partial

parathyroidectomy because of the intimate relationship be-

twee: these two endocrine glands {Hummcl er r.={.. l9?5}.

Howevei', parathyroinzl tctany subsequent to ihyi'oidecto:n3«- ltas

not been a problem because the residual parathyroid tissue not

assotfatcd witli the thyroid rcinains intact.

W. Vi'!S8(:I0l’I}}’

The vas deferens are paired tubules that transport sperrn be-

twcen the cpididynius and ureihn. The var; dcferens pass

tiuough the iiiguinal canal and irzwersc the pelvic inlet to enier
the dorsal wall of the urethra near the neck of the bladder,

Vascctoiny is performed through rnidline longitudinal ventral

skin and abdominal incisions extendiitg from the pubic synt-

physio toward the untbilictts. Each vas: deferens is €Xt€I‘it‘)I‘i?:€:(l

by grasping it with 21 pair of fine forceps. Distal and proxininl

ligatttres are placed 5 mm apart and that portion of the vas

deferens between the ligatorcs is cxcised {Aitken and Carter,

i977). Accidental ligation or darnage to the spermatic vessels

or ricrvcs results in atrophy of the testicle.

VIII. ?()S'I‘ANESTHE’I‘IC AND POST(}Pl§RA'I‘I‘¢’E

CARE

Strain or genotype of the mouse, the type of anesthetic, the

duration of the proce<lLn'e. and the amount of tissue trauma

associated with the procedure niuzst he considered when plan-

ning postoperative regimens for mice. Very short periods of

anesthesia and quick procedures require no special postdoc-

sthetic care except returning the mouse to a clean, tlry, warm

cage and trimming long claws that tnighi catch in sutures; when

the moose grooms itself. Long procedures mandate more elab-

orate postoperative regimens. In general. rec}: young mice. old

endocrine nitttant mice, and metabolic mutant mice require

more “tender, loving” postoperative care than ranvzlom-bred or

hybrid young mice subjected to the same procedures. lrlajor

surgical procedures (tl1}?I11€CC{)I1'1}=', ovarian transplant) should

be scheduled during the early part of the work day, allowing

observation ol" the mice until they have recoizered from anes-

thesia. Minimuin postoperative care includes placing the mice

in a clean cage and warming the cage with a 50- to ?5~W light

hull) placed about 4-6 inches above the top of one end of the
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cage. Mice shou d be placed in lateral Oi’ ventral l's2illiI“i1l)ElnC§*

with the head slightly extended and level. This position main-

tains a patent airway and minimizes aspiiwion of salivary se-

cretions. Rcducton in cardiac output may be caused by in-

creased intrathoraic prcssu1'c that results from the head being

below the hindq tarters. Sulxtutancous or inttapcritoncal ad»

ministration of sterile physiological saline or balanced salt so-

lutions should he considered if prolonged surgical or recovery

periods are antcipated. I}extrose solution (5%) or cor-

ticosteroids should be administered sithcutanenusly inimcrli-

ately followirig lypopliysectomy or adrenalectomy of normal

inbrecl mice or surgical manipulation of homozygous endo-
drinc inntant mice. Fluids are administered at the rate of 0.5-!

ml per 15-25 g body weight. In addition, supplemental oxy-

gen may he advised for very old mice or mice subjected to

€Kb’;‘I)SlV€ procedures (c.g.. kidiicy transplant).

IX. EU'l‘HAl‘~iAS1A

Mice can be l'1l.1n13l'1-Sij; killed using several methods: carbon

dioxide. cervical dislocation. anesthetic overdose. decapita-

tion, or exsanguination. Advaiitagcs and disadvantages of each

method were discussed in detail by the AVMA Panel on Eu-
thanasia (McDonal(l, 197%).

Carbon dioxide is a safe humane way to kill large numbers of

mice provided the charnl:ccr is filled with CO2 bcforc thc mice

are placed in it, mice are not crowded into the chamber, and

CO3 is replenished frequently. Adult mice are unconscious;
within l(l—~E{} sec and dead within 2-4 min. Newborn mice are

resistant to C02 and at least l(}—l5 min c:>:posure to C02

should he allowed to assure death. Nitrogen (N3) may be sub-

stituted for CO2 provided the concentration is adequate
(McDonald, 1978).

Cervical dislocation should be practiced on anesthetized

rice until the technique is perfected. The mouse is placed on a

Flat tiuiface and restrained by placing the thumb and l"ot'cl/"ingcr

of one hand at the base of the skull and grasping the tail with

he other. The spinal cord is sewed by quicl<:lj,=* moving the

mod i'es:training the head forwai'd and the hand holding the tail

backward. After cervical dislocation, a 2-4 mm space can be

alpatcd hctwccn the occipital COt“i{lj,’l€S and the atlas. The
host common errors made with cervical dislocation are: {l}

lacing the thumb and l‘oi'efingcr on the top of the skull over

the parietal bone (2) exerting clowriwaid. rather than iorward

ressure, on the head. and (3) moving hands too slowly.

Overdoses of a variety of anesthetic agents have been used to

cuthanatlze animals (MCl30I1E1l£l, l9’?8). The most common
anesthetics used to kill mice are i:>arhitui'ates and ether. ‘Bar-

hiturates are adtninistcred intraperitoncally or intravcnotisly at

lcasl twice the anesthetic dose.‘ Ethel‘ is administered by plac-
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ing the mice in a covered jar (Fig. 9) containing cotton balls
that have been moistened with ether. The mice are left in the

jar until respiration has ceased for several minutes. The bodies

of the mice killed by ether require special storage and disposal
because of residual ether fumes in the bodies and the pus»
sibility of explosion (Moreland, 1978). lvlethoxyflurane and

halothane can be used to euthanatize mice, but the length of
time required to kill mice and the expense of these anesthetics

make them impractical for routine use, Ether and other inha-
lant anesthetics should not be used unless a fume hood is

available. Chloroforni should not be used because very low

concentrations can be lethal to mice in adjacent cages (Vesell

er nr!., 1976), and it poses hazards to personnel using it {Moron
land, 1978).

Decapitation by a guillotine or postmorten shears can be used

to euthanatize mice (Yngner, 1975}. Although this procedure

could be esthetically offensive, it is rapid, produces instant

death when properly done (lvlikeska and Klennn, 1975), and

provides an excellent alternative to CO2 for euthanasia of new-

born. Blood collected following decapitation may be containi-

nated by salivary or respiratory secretions. Exsanguination by

severing the brachial artery or abdominal aorta of anesthetized

mice has been described by Young and Chambers (19373) and

Lushbough and Moline (l96l)l Exsanguination without prior
administration of anesthetics or sedatives is not recommended

(McDonald, 1978), although exsanguination via orbital plexus

or external jugular vein of unanesthetized mice has been de-

scribed (Cate, l969; Murine Virus Diagnostic Laboratory,
1978).

The method of euthanasia alters pathological and histo-

pathological observations (Fawell at at, l9?2; Feldnian and

Gupta, 1976; Port at at, 1978). Congestion of the lungs may

be expected following carbon dioxide, ether, barbiturate over»

dosage, and T—6l. Ether may inactivate ether-sensitive viruses
and should not be used to euthanatize mice if viral isolation

procedures are planned. Splenic congestion can be expected

with barbiturate overdose. Rupture of cervical or thoraic blood

vessels during cervical dislocation results in nasal or oral hem»

oirhages andfor hernothorax. Blood may be aspirated into the

trachea and bronchi following decapitation or exsanguination

via cervical vessels. In addition, visceral organs, cg, liver,

kidney, and spleen, are paler than normal due to blood loss if

the mouse is exsanguinated.

X. DIAGNOSTIC PROCEDURES AND NECROPSY

A. Diagnostic Procedures

Postmortern decomposition of the mouse begins at the cellu-

lar level almost immediately after death. Aittolysis of the small

intestine is noticeable by the unaided eye within l~2 hr after
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death. Refrigeration of the dead mice retards autolysis to some

extent. Necropsy of mice that have been dead for several hours

is frustrating, since postmortem degeneration obscures subtle

pathologic lesions. Sick mice are preferable to moribund or

dead mice for complete diagnostic workup because evaluation

of bacteriological cultures from moribund or dead mice is diffi-

cult due to the rapidity with which normal intestinal flora trans-

verse the damaged intestinal wall. In order to maximize

chances of isolating the virus, virus isolation procedures
should be limited to fresh tissues from mice that are in the

acute phases of the disease or from chronically infected im-

mune deficient mice (nude, thyrnectotnized, or irradiated
mice).

Serological screening for viruses should be limited to mice

that were clinically ill and have been recovered for 3-4 weeks

or that have been in a facility for at least .5—6 weeks. Serologi—

cal testing of weanling mice may be misleading because these

mice may Show low levels of passive maternal antibody or

have not yet contracted the virus in question. Serological test~

ing of immunologically deficient mice, e.g., nude tiimlnre)

mice, is futile because they do not make enough antibody to be

detected by routine serological techniques. Serological evalua-

tion of mice with large arnounts of anti-nuclear antibodies can

be frustrating because they often give false positive or in»

conclusive results. Scra (blood) for serological testing can be

collected from tail veins, jugular veins, brachial vessels, orbi«

tal sinus, or cardiac puncture (refer to Section iv). Coritamina

tion of blood with respiratory secretions or saliva should be

avoided. Blood is allowed to clot at room temperature for sev-

eral hours and then centrifuged or refrigerated overnight in

order to niaximize the yield of sera. Individual sera are col-

lected, diluted 1 :5 with sterile physiological buffered saline,
heat inactivated at 56°C for at least 30 min, and stored in a

refrigerator or frozen prior to testing.

Mice may be examined for ectoparasites by several methods.

Dead mice are placed on a piece of black paper and surrounded

with a circle of petroleum jelly or cellophane tape. After

12-20 hr, the carcass is discarded and the paper is examined

for mites using a dissecting microscope (X lO—2U magnifica-

tion) (Flynn, i963). Alternatively, anesthetized, restrained, or

dead mice can be examined for mites by separating the pelage

with a dissecting microscope {X lO~2{l rnagnification). Mites

and lice, if present, are usually found on the muzzle, around

the eyelids, at the base of the ears and occipital region, tail-

head, and ventral abdomen (Baker er mi, 196?; Flynn, 193)

(see Weisbroth, Vol. ll, Chapter 21).

B. Necropsy

Before beginning the necropsy, the dead mouse is often dip»

ped in a disinfectant solution, placed in dorsal recumbancy’,
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and secured to a corlclzxoarcl. A miclline ventral abclominal skin

incision is made from the pubic syniphysis to the hotly of the

mandible, and the skin is reflected laterally. Subcutaneous

tissuea. superficial lympli nodes. fl ammarj; glands or preputial

glands, and salivary glands are examined. Next the abdominal
wall is incised through the linea alba from the pubic S}t‘t11}}ll}’SlS

to the xyphoid cartilage, and bil' teral incisions are directed

laterally throttgh )ij{pl‘l()i(l cartilage and the ribs toward the

shottlcler joint; the abdominal and the thoraic viscera are thus

exposed. if bacteriological cultues; or virus isolation pro-

ccdures are planned. the abdominal and thorerie walls shotclrl he

incised with sterile scissors, and a second set of sterile forceps

and scissors is used to examine organs. Verstiraete (1933) {2OI1‘l~

pared several techriiqtieie for ohtaning lung or liver cultures
from mice and found that insertion of a 2—mm bore sterile

Paxtettr pipette was best. Complete cxaminaticm of the viscera

should include examination of wet mounts of scrapings of

small and large intestine for protozoa and incision of intestine
and cecum in order to examine the contents for helminths.

After examination of the abdominal and thoraic. viscera is

completed, the osseus hulls. is exarninecl for evidence of in-

flammation; thc bullae are exposed by rlisarticulating the lower

jaw and scraping away the muscles attached cranially to the

ventral surface of the occipital COI'1{lylr3S. Miclttle ear cultures

are obtained by aseptically excising 2. portion of the osscus

bulla or by penetrating the osseus hulla with a 20- to 22—gauge

hypodermic needle and flushing the tympanic cavity with ap-

propriate culture rneciia.

C. Histopathological Flxamination

Specimens for histopathological examination must be

promptly placed in fixative. Fel<.ete‘s modification of "fell-

yesniczlrye fixative was developetl specifically for mouse

tissties and parafin eniherlclingg because mouse tissues tend to
become brittle if fixed in 10% trnbufferecl formuliti (Felcete,

I953). A 2% formalocltyclc. 3% glutaraltlchyoe fixzitive in

cocodylatc buffer has heeri developed for fetal mouse tissues,

plastic embedding, and ultra thin sections (Eicher er al.,

1980). Rodent lung should be inflated prior to fixation {Eg~

berts, l9?2). Otherwise interpretation of lung lesions is cont~

pllcated by atelcctasis and other artifacts. For critical histologi-

cal evaluations, perfuszion of the organ may he desired;

perfusion of the kidney (Ilaydon er a:‘., l9"z‘6; Neudeck and
Foumier. 1980) and liver {Lee or a!., 1960) have been de-

scribed. Prior to histopathologic examination of mouse speci-

mens, one should be aware of idiosyncrasies of the mouse and

sex or strain differences, such as c>;tramcclullar;; hema-

topoiesis, irregular focal pcrilnonchial lymplioid accumula—

tions, minute focal macrophage infiltrates in the iutcrstiturn of

the kidney, X zone in adrenals of immature fetnalc mice, and
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tall columnar cells lining sali».rary gland tubules and Bowmr.m‘s

capsule of aclult male mice (8. I... Green, l9’?5; (Iotchin and

Roe, 196?). Strain predispositions for tumors and other con~

stitutional diseases have been clescribecl in the “Biology of the

Laboratory Mouse” (E. L. Green, I935) and more recently in

"’v’olume W of this treatise. lll addition, bacteriological or re-

productive status influence histopathologic observations.

{fecal hypertrophy an lymphoid hypoplasia are expected in

gemifree mice. Also, spleriic hyperplasia of intestinal mucosa

are expected in term pregnant or lactating female mice.
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